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Chapter 1

General Introduction

1.1 Genome stability and mutagenesis

In all species, genetic information is stored in the molecule deoxyribonucleic acid (DNA) inside

the cell. DNA contains all the information that is required by a cell to perform its functions

and this information is read out by first transcribing the DNA into messenger RNA, and then

translating the messenger RNA into proteins that perform diverse functions in the cell. This is

known as the central dogma in biology. DNA in a cell is copied and divided to daughter cells

during cell division, which is required for the maintenance and growth of the organism. Given

that all the information responsible for the survival of an organism is contained within DNA,

and this information needs to be passed on accurately, it is vital that DNA is protected from

errors or mutations that could otherwise have deleterious effects on the cell. In fact, a number

of human diseases are caused by the accumulation of errors in DNA that are manifested in the

altered behaviour of cells, for example cancer and neurodegenerative diseases.

However, changes in DNA are not always damaging. In fact, mutations underlie the process

of evolution that give rise to selective advantages within a population. For example, bacterial

strains can acquire mutations to allow them to remove or metabolize antibiotics more efficiently,

and therefore adapt to the hostile living conditions. In eukaryotes, mutations in DNA are im-

portant for the generation of diversity during antibody production and also give cancer cells the

ability to overcome cell division regulation, resulting in their increased growth rates. Therefore,

there needs to be a delicate balance between preserving DNA in order for it to be accurately

maintained and passed on, and the mutations that can give rise to adaptation and new functions

in the cell.

Mutations in DNA arise from various endogenous and exogenous sources74. Cells are ex-
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posed to a large number of exogenous insults, including mutagenic chemicals and UV irradia-

tion. Inside the cell, DNA can undergo spontaneous depurination and are exposed to reactive

oxygen species that are generated as a by-product of cellular metabolism. Mutations can also

arise from mistakes made during DNA replication, when the information in DNA is copied

in order to be passed to daughter cells. While DNA replication is a highly accurate process,

it has a low intrinsic error rate that leads to the introduction of errors during the copying of

DNA. To overcome the burden imposed on DNA by the various mutagenic sources, cells have

evolved a number of repair processes that resolve the various different types of mutations, for

example base excision repair that removes damaged bases, nucleotide excision repair that ex-

cises damaged nucleotides, and homologous recombination and non-homologous end-joining

that deals with DNA double-strand breaks. However, when the DNA damage is located in front

of the progressing replication fork, it can trigger replication fork stalling, which can be lethal

for the cell. Under these circumstances, the cell needs to rapidly overcome the stalling and

continue fork progression in order to prevent the processing of the single-stranded DNA at a

stalled replication fork into a double-strand break, which can lead to chromosomal rearrange-

ments. The mechanisms that exist in the cell to temporarily avoid DNA damages are known as

the DNA damage tolerance pathways, and interestingly, some of these pathways are inherently

mutagenic.

Therefore, in order to understand how the balance between genome stability and mutagen-

esis is achieved, it is essential to study the mechanisms that govern replicative fidelity.

1.2 Background to DNA replication

DNA replication is the process by which the information in DNA is duplicated in order for it

to be partitioned between the mother and daughter cell during cell division. The 3D structure

of DNA determined by Watson and Crick in 1953134 shed light on the mechanism by which the

process of DNA replication is achieved.

In the structure, DNA was shown to be a right-handed helix consisting of two anti-parallel

strands of deoxyribonucleotides. Each deoxyribonucleotide consists of a deoxyribose sugar,

a base and a phosphate group, and the individual nucleotides are covalently bonded together

through the linking of the 3’ hydroxyl group of the sugar on one nucleotide to the 5’ phosphate

group of another through the formation of phosphodiester bonds. These 3’-5’ linkages form

the sugar-phosphate backbone, which is located on the outside of the DNA molecule. Within

the DNA molecule, the genetic information is stored in the bases that group together to form
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sequences of instructions for the cell. DNA is made of four purine or pyrimidine bases, adeno-

sine (A), guanosine (G), thymidine (T) and cytosine (C), that are arranged perpendicularly to

the phosphate backbone.

The bases form pairs in a specific manner, where a purine (A and G) hydrogen bonds to

a pyrimidine (T and C) and follow the rule of A with T and G with C pairing. The structure

of DNA is further stabilized through π-π interactions between the adjacent vertically stacked

base-pairs. The specific base-pairing ensures that if the sequence on one strand is known, the

sequence on the other strand can be automatically determined. As Watson and Crick noted in

their seminal paper, this base-pairing rule ”immediately suggests a possible copying mechanism

for the genetic material”. This is shown in Fig. 1.1.

.

Figure 1.1. The structure of DNA reveals copying mechanism. Schematic representation of

the anti-parallel double helical structure of DNA showing the sugar-phosphate backbone and

complementary base pairing between the bases. Figure taken from Pray, 200896

When DNA is replicated, each strand of the double helix acts as the template for the syn-

thesis of a new strand with Watson and Crick base-pairing. Enzymes called DNA polymerases

catalyze the incorporation of deoxyribosenucleotide triphosphates (dNTPs) during the synthesis

of new DNA strands. When a dNTP is added, the triphosphate is hydrolyzed and provides the

energy required for the synthesis reaction114. The semi-conservative copying mechanism as we

know it today was first demonstrated by Meselson and Stahl in 1958, who used radioisotope

labeling to show that each daughter DNA molecule received on parental DNA strand84.

In order to ensure the accurate synthesis of DNA, DNA polymerases have a high fidelity in
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the range of 10−4 to 10−6, that is, they introduce one error every 10,000 to 1,000,000 nucleotides

incorporated68. Mistakes arise from the incorrect selection of nucleotides to be incorporated, re-

sulting in a mismatched base-pair. In addition, the polymerase may skip a base on the template

strand, leading to base insertions or deletions that may become manifested at the level of protein

synthesis in the form of frameshift mutations. The fidelity of DNA synthesis is further improved

by the ability of DNA polymerases to proofread and remove any mis-incorporated nucleotides

through their associated exonucleases. The proofreading activity of the exonucleases increases

the accuracy of DNA synthesis by 1000-fold74. In the event that a mis-incorporated nucleotide

is not removed by the exonuclease, a further fail-safe mechanism is in place, called the mis-

match repair system, which scans the newly synthesized DNA and removes the mismatches by

excising the wrongly inserted nucleotide. Together, these mechanisms increase the fidelity of

DNA synthesis to 10−10, which ensures that DNA is copied in a highly accurate manner74.

Another challenge for the copying of DNA lies in the anti-parallel nature of the DNA double

helix. DNA synthesis proceeds in the 5’-3’ direction and due to the anti-parallel nature of the

two strands with the same overall direction of replication fork progression, one strand is syn-

thesized continuously while the other is synthesized discontinuously in shorter 1kb fragments

called Okazaki fragments93. These are named the leading and lagging strands, respectively.

Therefore, not only does DNA replication need to be highly accurate, the synthesis of the two

anti-parallel DNA strands need to be coupled in order to ensure that two copies of the DNA

are made simultaneously and divided between the mother and daughter cells. The simultaneous

synthesis of the two DNA strands also ensures that long stretches of single-stranded DNA are

not generated in one strand while the other is being duplicated, which would be highly unstable

and prone to degradation by nucleases in the cell.

Therefore, to complete the challenging tasks of DNA replication by the replicative poly-

merase, a number of events need to be orchestrated. Each step is catalyzed by dedicated proteins

that together form the multi-protein replisome that catalyzes high fidelity DNA replication.

1.3 DNA replication in E. coli

The mechanisms of DNA replication have been studied in a number of bacterial species, includ-

ing Escherichia coli (E. coli), Bacillus subtilis, Thermus thermophilus, Pseudomonas aerugi-

nosa and Staphylococcus aureus. Out of these, the best understood is the E. coli system, which

has been used as the paradigm for understanding the processes involved in DNA replication.

The key player in DNA replication in E. coli, the replicative DNA polymerase, was first
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identified and characterized in the 1970s. In fact, the first DNA polymerase discovered in E.

coli was DNA polymerase I70, which was later found to be involved in lagging strand maturation

rather than serving as the main replicative DNA polymerase. It was thereafter confirmed that

the replicative DNA polymerase in E. coli is the α subunit of the DNA polymerase III (Pol III)

holoenzyme65, which consists of more than ten different proteins that collectively orchestrate

the simultaneous synthesis of the leading and lagging DNA strands82. The holoenzyme and the

other proteins involved in DNA replication together form the replisome which travels with the

replication fork, a structure that is formed between the parental and nascent DNA strands. An

overview of some of the key enzymes involved in E. coli DNA replication is shown in Fig. 1.2

and are discussed in detail in the following section.

Figure 1.2. DNA replication in E. coli. Schematic representation of the key components of

the E. coli replisome. Figure adapted from Beattie and Reyes-Lamothe, 20154.

1.3.1 Initiation

E. coli has a circular genome of 4.6 million base pairs that is replicated bi-directionally from

a sequence in the genomic DNA called the origin of replication (ori). The E. coli genome has

only one ori125 and it is recognized and bound by replication initiation proteins, which marks

the start of the replication cycle. The ori is an AT-rich sequence which allows it to be more

easily melted and unwound, as the A-T base-pair consists of two hydrogen bonds instead of the

three in the G-C base-pair. The ori is first recognized by DnaA, followed by the recruitment

other replication initiation proteins that result in the unwinding of about 350 base pairs single-
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stranded DNA (ssDNA)38 108 12.

After the initial melting of the ori sequence, further unwinding of the DNA duplex is medi-

ated by the hexameric DNA helicase (DnaB), which is loaded onto each single-stranded DNA

by the helicase loader protein (DnaC)2 39 11. Several mechanisms exist to tightly control the

loading the DnaB helicase to the ori during initiation to ensure that a single initiation event is

achieved per cell cycle16. The helicase uses ATP hydrolysis to unwind the DNA duplex birec-

tionally like a zipper1 and creates a DNA replication bubble where the two replication forks

proceed in the opposite directions. The ssDNA that protrudes from the unwinding by the he-

licase is coated with the tetrameric single-stranded DNA binding protein (SSB) that prevents

DNA secondary structure formation and cleavage by nucleases85.

The helicase is physically associated with the primase (DnaG)77 127 that synthesizes short

stretches of ribonucleic acid (RNA), from which the replicative DNA polymerase can extend10.

The replicative DNA polymerase requires the primase activity to initiate DNA synthesis as it

cannot synthesize polynucleotides de novo, that is, the polymerase is unable to link two nu-

cleotides in the absence of an existing stretch of polynucleotides54. By coupling the activities

of the helicase and primase, the replisome ensures that any DNA unwinding is coupled to the

synthesis of primers, from which nascent DNA can be synthesized.

1.3.2 Elongation

Once the RNA primer has been synthesized, the replicative DNA polymerase Pol IIIα extends

the primer and incorporates dNTPs in the 5’ to 3’ direction to form a nascent strand through

complementary base-pairing to the the parental strand. The crystal structure of Pol IIIα shows

that it has a narrow active site, which prevents the incorporation of the wrong nucleotides69. Pol

IIIα is associated with the exonuclease ε subunit, which unlike in most other bacteria, is located

on a separate protein instead of a domain in the polymerase104. The reason for the separation

of the two proteins during evolution is not well understood. The exonuclease ε proofreads and

removes the mis-incorporated nucleotides inserted by Pol IIIα through its 3’-5’ exonuclease

activity68. It has also been shown that the isolated Pol IIIα is a poor enzyme that has a low

affinity for DNA80 27 and that the interaction between ε and Pol IIIα stimulates the activity

of Pol IIIα59 115 and vice versa78. Together, Pol IIIα, ε and another subunit, θ, form the Pol

IIIcore81. The θ subunit is referred to as an accessory subunit as it has no other known function

apart from its role in stimulating the activity of ε. In fact, the θ subunit has been shown to be

dispensable in vivo110.
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The isolated Pol IIIcore has low affinity for DNA and dissociates from DNA after synthe-

sizing around ten nucleotides26. To improve its processivity on DNA, Pol IIIcore binds to a

ring-shaped protein63 42, the β clamp, which encircles the DNA and increases the processiv-

ity of Pol IIIα on DNA116. The E. coli holoenzyme has a processivity of more than 80,000

nucleotides per binding event21. The β clamp is a homodimeric protein with two conserved

hydrophobic binding pockets (one on each monomer) for binding to its interaction partners.

During DNA synthesis, the two binding pockets are occupied by Pol IIIα and ε52 126 27. Due to

the ring shape of the β clamp, it needs to be loaded onto DNA by the clamp loader complex,

which is pentameric and consists of three copies of the dnaX gene product τ or γ, and one copy

each of the δ and δ’ subunits97. τ is the full-length dnaX gene product whereas γ is a truncated

version of τ arising from ribosomal frameshifting during protein synthesis9 29 128. The crystal

structure of the γ clamp loader complex53 shows that the subunits are arranged such that the γ

subunits are are adjacent to one another and are flanked by δ and δ’ on each side. Only the γ

subunits are able to bind ATP, thus there are three ATPase sites in the clamp loader complex.

The ATPase sites are located at the interface between two adjacent subunits and are formed

by the insertion of a critical arginine finger from one subunit to the ATP binding site of the

neighboring γ subunit46 57.

The clamp loader complex is an ATPase that uses ATP hydrolysis to disrupt one dimer

interface in the β clamp to break the ring structure prior to enclosing it on DNA. This is shown

in the structure of the T4 bacteriophage clamp loader in complex with an open clamp in Fig.

1.356. Given that the overall architecture of the clamp loader is widely conserved between

species46 57, it is assumed that the E. coli clamp loader operates by a similar mechanism.

In addition to its role in clamp loading, the clamp loader plays an important role in coordi-

nating the different subunits present in the holoenzyme. This is achieved through the τ protein,

which binds to Pol IIIα and the helicase via separate domains41 40. Two additional subunits, χ

and ψ, bind to the clamp loader through the interaction between ψ and τ . These two subunits

are not required for clamp loading but have been shown to stimulate the activity of the clamp

loader complex and the χ subunit directly interacts with SSB142 58. The interaction between the

χ and SSB is thought to be important for the recruitment of the clamp loader complex to the

unwound DNA behind the helicase142 58. Therefore, the clamp loader acts as a bridge between

the different components within the replisome, ensuring that the individual activities (helicase,

primase, clamp loading and polymerase activities) are coupled to achieve greater efficiency in

DNA synthesis.

11



Figure 1.3. Structure of the T4 bacteriophage clamp loader bound to an open clamp.

a, Top-view of the clamp loader-open clamp complex showing the location of the three ATP

binding sites and the arginine fingers contributed to the ATPase site by the neighboring subunits.

b, Structure and cartoon representation of the clamp loader-open clamp complex. The subunits

are labeled from A-E, similar to the arrangement found in the E. coli clamp loader. An exception

is the additional A’ subunit, which is absent in the E. coli structure. Figure taken from Kelch et

al, 201156.

1.3.3 Termination

After traveling bi-directionally from the origin, the two replication forks converge in the ter-

mination zone, which consists of 10 23-base-pair ter sites that are located in two oppositely

oriented groups48 Fig. 1.4. Each of the ter sites is bound by a monomeric DNA replication

terminus site-binding proteins (Tus) and together, they form replication fork barriers to prevent

further DNA synthesis15 86.

The ter sites are oriented in such a way that the leftward and rightward replication forks can

each enter the first five sites in the direction that they enter the termination zone but cannot pass

through the next five ter sites that have an opposite orientation. This way, the ter sites act as traps

for replication forks and ensure that the forks converge in the termination zone, independent of
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Figure 1.4. Sites of replication initiation and termination in E. coli. Bi-directional replica-

tion initiates at a single oriC site on the E. coli chromosome and terminates in the termination

zone marked by 10 oppositely oriented ter sites. Each replication fork can pass through the first

five ter sites in the direction of entry but is arrested by the opposite polarity of the next five ter

sites. Figure taken from Elshenawy et al, 201525.

whether one fork enters the termination zone before the other48 15 88 22. Studies have shown that

replication fork convergence leads to the formation of a 3’ flap structure47 135, which is normally

removed, followed by gap filling and Okazaki maturation. The failure to remove the 3’ flap can

lead to replication re-start105, and the extent of re-initiation events increases in the absence of

the Tus protein105 47. While replication re-start is dangerous for the cell as it can lead to excess

genetic material being synthesized in the cell, and therefore needs to be tightly controlled, it is

curious that the E. coli termination seems to be highly susceptible to re-initiation19.

1.3.4 Lagging strand synthesis

As mentioned in Section 1.2, the DNA synthesis proceeds in an overall 5’ to 3’ direction.

However, due to the anti-parallel nature of the DNA duplex, the lagging strand is synthesized

in the opposite direction compared to the unwinding of the DNA by the helicase. As a result,

the DNA polymerase on the lagging strand can only synthesize shorter stretches of DNA of

approximately 1 kb in size93.

The synthesis of each Okazaki fragment requires the synthesis of a new RNA primer by the

primase. When this is completed, the primase initially remains stably attached to its primer142.

This interaction is thought to be stabilized through the binding of the primase to the SSB on the
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ssDNA unwound by the helicase142 118. The primase is displaced from the primer by the clamp

loader complex, which is directed to the site through the interaction between the χ subunit and

SSB142 58. A new cycle of clamp loading and polymerase loading takes place, whereby the

primer is extended to form an Okazaki fragment.

The mechanism by which the polymerase is released at the end of the Okazaki fragment

remains poorly understood. Some studies suggest a collision model by which the polymerase

physically bumps into the primer of the previous Okazaki fragment, causing it to release72.

Another line of thought suggests that the active synthesis of primers by the primase may signal

to the polymerase for its release, even if the Okazaki fragment has not been completed137.

Regardless of the model, although the replicative DNA polymerase is released from the DNA

at the end of each Okazaki fragment, it remains associated to the replisome through the tight

interaction it has with τ protein of the clamp loader complex and may be recycled for the

synthesis of another Okazaki fragment117 72.

The Okazaki fragments that result from the discontinuous synthesis of the lagging strand

need to be further processed to replace the RNA primers with DNA and to join the adjacent

Okazaki fragments. This is carried out by the DNA polymerase I (Pol I), which has a 5’-3’

exonuclease domain that catalyzes the removal of the RNA stretches. Pol I then fills the gap

using its polymerase domain together with its 3’-5’ proofreading exonuclease domain. Finally,

the nicks in between the adjacent fragments are ligated by DNA ligase. The process by which

the discontinous stretches of RNA and DNA on the lagging strand are converted to yield a

complete, new daughter strand is called Okazaki fragment maturation92.

1.3.5 Stoichiometry in the replisome

The coordinated synthesis of the leading and lagging strands requires two DNA polymerases

to be tethered to the replisome. However, it has been suggested that there may be a third

polymerase present at the replication fork. This stems from studies reporting differences in the

composition of the clamp loader complex, which still remains a topic of debate.

As mentioned in section 1.3.2., the clamp loader complex consists of three copies of the

dnaX gene product, and one copy each of the δ and δ’ subunits97. The dnaX gene encodes for

the τ subunit of the Pol III holoenzyme, which has a C-terminal domain that binds tightly to Pol

IIIα41. The γ subunit is also expressed from the dnaX gene, but due to ribosomal frameshifting

during protein synthesis, the γ subunit lacks the polymerase binding domain present in the full-

length τ protein9 29 128. However, because the γ subunit retains the first three domains of the τ
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protein that are responsible for carrying out clamp loading, a clamp loader with the composition

γ3δ1δ’1 is fully active in loading clamps onto DNA in vitro. Nonetheless, since only the τ

protein is able to bind to the polymerase and two polymerases are required for the synthesis of

the leading and lagging strands, the in vivo clamp loader is thought to be composed of at least

two copies of the τ protein in the form of τ 2γ1δ1δ’1 20.

In contrast, other studies have suggested the presence of a third polymerase attached to the

in vivo clamp loader complex in the replisome43 83 102. These studies show that replisomes con-

sisting of the τ 3δ1δ’1 clamp loader complex with three polymerases bound are more processive

on DNA43 83. This is supported by studies showing that the τ protein, but not γ, is essential for

viability in E. coli8.

Figure 1.5. The E. coli clamp loaders. a, Cartoon representation of the domain composition

of the two dnaX gene products τ and γ. b, Subunit arrangement in the γ and τ clamp loader

complexes and their binding to Pol IIIcore.

The in vivo role of the γ subunit remains unclear, but it may be involved in clamp loader

activity that is independent of polymerase binding. For example, the clamp loader complex

is also known to be involved in the unloading of clamps once DNA synthesis has occurred,

especially on the lagging strand where multiple clamps are loaded during Okazaki fragment

synthesis. The unloading of clamps allows them to be recycled to allow for continuous DNA
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synthesis139. Given that the unloading of clamps occurs post-replication, the γ3δ1δ’1 clamp

loader may be better suited for this role13. Furthermore, the β clamp is known to serve as a

platform for other proteins, including those involved in DNA repair, and in these instances the

loading of the clamp in the absence of Pol III may be desirable43. The domain composition of

the γ and τ clamp loaders and binding to Pol IIIcore are shown in Fig. 1.5.

1.3.6 Dynamics in replisome

It has been long thought that the synthesis of the leading DNA strand is continuous, where a

single replisome is capable of synthesizing large fragments of DNA. This has been supported

by in vitro studies that have shown that single replisomes are capable of synthesizing 100 kbp

of DNA124 140.

However, recent studies suggest that the E. coli replisome may be much more dynamic

than previously anticipated. Work done by Beattie et al. and Lewis et al. show that the Pol III*,

which is the holoenzyme without the β clamp, can frequently exchange within the replisome3 73,

demonstrating that the synthesis of both the leading and lagging strands is discontinuous. The

dynamics in DNA replication may allow the replicative DNA polymerase to overcome any

roadblocks during DNA synthesis, for example in the form of lesions on the template DNA

strand (see section 1.4) and protein-bound complexes on DNA45, while maintaining the high

processivity required for DNA replication.

Furthermore, it has been assumed that the physical association between the helicase and

the clamp loader τ protein is important for coordinating the unwinding of the DNA duplex

with DNA synthesis in order to prevent long stretches of ssDNA from being generated. How-

ever, a recent study shows that the activity of the helicase and the leading-strand polymerase

can become temporarily uncoupled, with unwinding proceeding in the absence of DNA syn-

thesis, albeit at a reduced rate44. Graham et al. also suggest that leading and lagging strand

DNA synthesis can occur independently with no coordination between the leading and lagging

polymerases. This stems from the observation that leading strand synthesis is independent of

primase concentration and therefore lagging strand synthesis. This challenges the long-held

view that the synthesis of the two anti-parallel DNA strands is coordinated.

Taken together, these studies show that while the composition of the E. coli replisome has

been studied for a long time, the dynamics of the interactions between the individual compo-

nents is only beginning to be understood.

16



1.4 DNA damage tolerance in E. coli

When the DNA polymerase makes an error in the incorporation of nucleotides, the mismatched

nucleotide is removed by the proofreading exonuclease. However, when the error is located

in the template DNA strand, the high fidelity polymerase is stalled. The replisome is stalled

at sites of DNA damage on the template strand because the replicative DNA polymerases are

specialized for high fidelity replication of DNA templates that contain A, T, G or C. When the

bases are chemically altered, they may act as roadblocks for the progression of the replicative

DNA polymerase.

Interestingly, not all chemically modified DNA bases lead to the stalling of the replication

fork and these are called miscoding lesions35. Miscoding lesions normally correspond to only

small changes to the bases, including modifications caused by reactive oxygen species (8-oxo-

G). While the replicative DNA polymerase is able to incorporate dNTPs opposite miscoding

lesions, these sites are very prone to point mutations.

Other modifications to DNA bases lead to the stalling of the replicative DNA polymerase

and these are called replication-blocking lesions35. Stalled replication forks are dangerous for

the cell because they are highly unstable in structure and can collapse, rearrange or break.

Multiple mechanisms exist to relieve the stalling of the replication fork and allow the DNA

damage to be repaired at a later point using the various DNA repair pathways in the cell.

Some of these mechanisms are error-prone whereas others are error-free. During translesion

synthesis the high fidelity DNA polymerase is transiently replaced by specialized translesion

DNA polymerases that use error-prone synthesis to bypass the DNA damage. Other DNA

damage tolerance pathways such as post-replicative gap filling or replication fork regression

are error-free as they use recombination with undamaged segments of the genome to replicate

DNA32. It remains to be understood when and how the cell makes a choice between the various

pathways for avoiding replication opposite a site of DNA damage.

1.4.1 Translesion synthesis

Translesion synthesis relies on the activity of alternative DNA polymerases to relieve the stalling

of the replication fork. The first DNA polymerase isolated in E. coli was DNA polymerase I70,

which was originally thought to be the replicative polymerase until the isolation of a viable

Pol I-deficient strain, which showed that DNA replication can resume in the absence of Pol I

activity18. Two other DNA polymerases were then purified from E. coli, Pol II and Pol III64 65.

Further characterization of these polymerases by biochemistry and genetics confirmed that Pol
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III was in fact the main replicative DNA polymerase while Pol I was involved in Okazaki frag-

ment maturation. The role of Pol II in the cell remained unclear. For a period of about 30 years

after the isolation of Pol I, II and III, it was thought that there were only DNA polymerases

present in E. coli.

Screening for mutations that prevented mutagenesis induced by UV-irradiation in E. coli

led to the identification of the UmuC and UmuD genes55 that were initially thought to alter the

stringency of Pol III23 24, leading to the bypass of arrest-inducing DNA lesions. In an early

in vitro TLS assay, it was found that purified Pol III was unable to perform TLS, whereas the

addition of the UmuC and UmuD proteins led to efficient synthesis past the lesion100. It was

found later that TLS also occurred using purified UmuC and UmuD proteins121 and that the

UmuDC locus encoded a bona fide DNA polymerase and was named DNA polymerase V101 123.

At around the same time, the dinB gene was found to encode for another DNA polymerase that

is structural homologous to DNA polymerase V which was named DNA polymerase IV131.

DNA polymerases are divided into different families based on the similarities between their

domain structures35. In E. coli, the replicative Pol III belongs to the C family of DNA poly-

merases, while the specialized lesion bypass polymerases IV (dinB) and V (UmuC and UmuD)

belong to the Y-family DNA polymerases91. The Y-family of DNA polymerases have unique

structural properties that allow them to insert dNTPs across a site of lesion at which the replica-

tive DNA polymerase is stalled31 138 28. For example, the DNA polymerases have low fidelity

as a result of their enlarged active sites that allow bulky chemical groups on the modified bases

to be accommodated. In addition, they lack the 3’-5’ exonuclease domain that is present in the

replicative polymerase and is responsible for removing any incorrectly incorporated nucleotides

by the polymerase. Furthermore, the Y-family polymerases have low processivity on DNA and

an extra domain not present in polymerases of the other families, called the little-fingers do-

main, which provides additional contacts to the DNA. This family of DNA polymerases are

the least accurate and incorporate nucleotides with an error rate of 10−1 to 10−3 68. A compar-

ison between the three-dimensional structures of the replicative and translesion polymerases is

shown in 1.6.

In addition, another E. coli DNA polymerase, Pol II, has been shown to be involved in

translesion synthesis, although it belongs to the B-family of high fidelity polymerases that pos-

sess proofreading activity35. All three polymerases Pol IV, Pol V and Pol II have been shown

to bind to the circular β clamp to catalyze the bypass of lesions on the template DNA strand7.

Given that the translesion DNA polymerases are more error-prone, their access to the repli-

cation fork needs to be tightly regulated, as otherwise they would result in increased mutation
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rates. This is achieved by placing the expression of the translesion polymerase genes under a

process called the SOS response99. Under normal cellular growth conditions, the expression of

the SOS genes are repressed by a repressor called LexA75. However, as the replicative poly-

merase is stalled by DNA lesions, stretches of single-stranded DNA begin to accumulate in

the cell due to the continued DNA unwinding by the helicase. These single-stranded regions

become coated by a protein called RecA that recognizes and forms a filament on the single-

stranded DNA. The RecA filament catalyzes the auto-proteolysis of the LexA repressor, which

in turn allows the LexA-repressed genes to become transcribed75.

Figure 1.6. Comparing the structures of the replicative and the Y-family DNA poly-

merases. a, Schematic representation of the crystal structure of a high-fidelity replicative DNA

polymerase and b an error-prone Y-family translesion DNA polymerase. The Y-family poly-

merase has an enlarged active site located between the thumb and fingers domains and an addi-

tional little finger domain shown in purple. Figure adapted from Friedberg, 201532.

While the roles of Pol II (polB), Pol IV (dinB) and Pol V (umuDC) in translesion synthesis

have been established using a number of biochemical and genetics studies, it is interesting to

note that these polymerases are non-essential inside the cell. In fact, strains in which all three

polymerases have been mutated away do not show strong UV sensitivity17, therefore suggesting

that TLS plays a minor role in terms of survival to genotoxic agents.

1.4.2 Translesion synthesis by DNA polymerase IV

The expression levels of the Y-family polymerase Pol IV increases ten fold following the in-

duction of the SOS response61. Studies have reported that when Pol IV is expressed at levels

found under normal growth conditions (250 molecules/cell), it does not result in increased mu-
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tation rates67 136. Over-expression of Pol IV at over 10,000 molecules/cell results in decreased

replication fidelity and the cells show low level growth defects60 132 66. Finally, further increase

in Pol IV expression to over 100,000 molecules/cell is lethal129.

Pol IV has been shown to bypass a large number of lesions by biochemical experiments, in-

cluding TT photo-adducts, acetylaminofluororene-derived DNA adducts, and AP sites122 120 79.

However, genetic evidence for the role of Pol IV as a translesion polymerase has only been

found for a few N2-guanine adducts71 87 61. The common characteristic between these lesions

is their location in the minor groove of DNA, suggesting that Pol IV is efficient at bypassing

minor groove DNA lesions.

Pol IV activity on DNA is distributive as it is only able to synthesize one nucleotide per

binding event. However, this is increased upon binding to the ring-shaped β clamp, which

increases the processivity of Pol IV on DNA to 30-400 nucleotides per binding event130.

1.4.3 Translesion synthesis by DNA polymerase V

Unlike Pol IV that acts as a single protein, Pol V is a heterotrimer consisting of one copy of the

umuC and two copies of the umuD gene products in the form of UmuD’2C, where UmuD’ is a

proteolytic product of the UmuD protein101 123. Polymerase activity is associated with UmuC,

while the UmuD’2 homodimer acts as accessory proteins. umuDC strains of E. coli show much

reduced UV-induced mutation rates55 113, confirming its role in error-prone translesion synthe-

sis. Pol V has been shown to bypass UV-induced lesions efficiently122 36.

While Pol IV is normally present in the cell, Pol V cannot be detected biochemically in the

cell under normal growth conditions. It has also been shown that a TT(6-4) lesion is bypassed at

similar efficiency in UmuDC deficient and wild-type cells, suggesting that Pol V is not involved

in UV-induced mutagenesis in non-SOS-induced cells5. The expression of the umuDC locus

is SOS controlled, however interestingly, it is only induced during persistent SOS response

with the level of Pol V peaking after 45 minutes of UV irradiation112. This shows that Pol

V is not recruited as a first tier polymerase and instead forms the “late SOS response”, which

may be explained by the strong repression of the umuDC promoter by LexA. In addition to

its late expression, Pol V activation proceeds via a complicated sequence of events, where

the RecA filament induces the autoproteolysis of UmuD, forming the cleaved UmuD’ product

which dimerizes14 89 109. The UmuC protein is sequestered to the cell membrane, and is released

from the membrane through binding to the UmuD’2 dimer103. The sequestration of the UmuC

to the cell membrane is a further mechanism to control the intracellular level of this error-
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prone polymerase. Lastly, the UmuC-UmuD’2 heterotrimer binds to RecA to become fully

activated107. Given the complicated activation mechanism and its late appearance in the SOS

response, it is likely that Pol V is recruited only when the other DNA damage tolerance and

repair pathways have been exhausted.

Pol V has a processivity on DNA of approximately 25 nucleotides per binding event in the

presence of the β clamp. However, it is significantly slower in DNA synthesis as compared to

Pol III (∼ 1000 nt/s) or Pol IV (∼ 2 nt/s), all measured in the presence of the β clamp. The rate

of synthesis by Pol V is only ∼ 0.3 nt/s35.

1.4.4 Translesion synthesis by DNA polymerase II

As mentioned above, in contrast to Pol IV and Pol V that act as specialized DNA polymerases in

translesion synthesis, Pol II is a high fidelity DNA polymerase with 3’-5’ exonuclease activity.

However, the expression of Pol II has been shown to increase approximately seven-fold during

the SOS response98 unlike the replicative Pol III, suggesting that it is involved in the DNA

damage response.

The role of Pol II as a translesion DNA polymerase was confirmed by both in vivo and in

vitro studies that show that it catalyzes the bypass of a G-AAF adduct located within a specific

-2 frameshift sequence87 6. In addition, Pol II has shown to bypass AP-sites with high efficiency

in vitro94. A crystal structure of Pol II in complex with an AP lesion containing DNA shows

that the polymerase is able to accommodate for the mutation, despite its high fidelity active

site133. This is achieved through an insertion that creates an additional cavity upstream of the

active site to allow for the DNA lesion in the template to be accommodated. Interestingly, E.

coli cells that lack Pol II do not display any phenotype under normal growth conditions.

1.4.5 Polymerase exchange during translesion synthesis

Given that E. coli has one replicative DNA polymerase and three polymerases involved in

translesion synthesis, the interplay and switching between these polymerases have been a sub-

ject of interest.

Studies have shown that instead of delegating lesion bypass to the translesion DNA poly-

merases, the replicative Pol III may be actively involved in determining the outcome of the

translesion synthesis event. When Pol V synthesizes four nucleotides or less across the site of

DNA damage, Pol III will degrade the newly synthesized stretch of DNA using its 3’-5’ exonu-

clease activity36. When the nascent stretch of DNA synthesized by Pol V is five nucleotides
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or longer, Pol III extends it to complete the lesion bypass event. The same rule has also been

demonstrated for Pol IV, where extension of at least four nucleotides after the insertion opposite

the lesion is required to protect the nascent strand from degradation by Pol III’s proofreading

activity51 30. The importance of the length of DNA synthesized past the site of DNA damage un-

derlines the requirement for the TLS polymerases to bind to the β clamp in order to synthesize

a long enough stretch of DNA that is beyond the critical length required for Pol III extension.

Consequently, the polymerases have been shown to bind to the β clamp7.

In addition, Pol III has been shown to modulate the product of Pol II translesion synthesis.

Studies have shown that Pol II produces a -2 frameshift mutation at a G-AAF adduct in a

specific sequence context in vivo34 62. However, Pol II also produces a significant level of a -1

frameshift mutation in vitro that are not detected inside the cell34 62. This balance between the

two outcomes of extending past the lesion is tilted towards the production of the -2 frameshift

mutation in the presence of Pol III in the in vitro experiments37.

Given that both the replicative and translesion DNA polymerases require binding to the

β clamp to gain processivity on DNA7, the mechanism by which they switch on the β clamp

remains to be understood. A model for the exchange between a replicative and specialized poly-

merase, called the toolbelt model, predicts that the two can bind simultaneously to the clamp,

one on each binding site on the clamp, and switch places across a site of DNA lesion 1.749.

This way, the specialized DNA polymerase acts in a manner analogous to the proofreading ex-

onuclease: when the replicative polymerase inserts an incorrect nucleotide during synthesis, it

is removed by the exonuclease, whereas when it is stalled due to the presence of a lesion on

the template DNA strand, the DNA is channeled to the translesion polymerase for the incorpo-

ration of nucleotides immediately opposite the site of lesion. The exonuclease and translesion

polymerases therefore act as as the tools to allow the replicative DNA polymerase to overcome

potential roadblocks during DNA replication. The toolbelt model is discussed in more detail in

Chapter 4.

An alternative to the toolbelt model is the competition for binding to the clamp on DNA by

the replicative and translesion polymerases by ’mass action’, where the outcome of the com-

petition is simply determined by the relative concentrations of the different polymerases. This

model is supported by studies showing that the bypass of a N2-acetylaminofluorene guanine

adduct by Pol V or Pol II depends on the relative concentrations of the two polymerases6 36.

The concentration-dependence of the polymerase competition may explain why the expression

of the translesion polymerases is increased during the bacterial SOS DNA damage response119.
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Figure 1.7. The toolbelt model. Model predicting the simultaneous binding of a high fidelity

replicative DNA polymerase and a specialized translesion DNA polymerase to the β clamp.

The polymerases alternate binding to DNA across a site of lesion on the template DNA. Figure

taken from Indiani et al, 201549.

1.4.6 Error-free DNA damage tolerance pathways

As was mentioned previously, there are also multiple DNA damage tolerance pathways in E.

coli that are independent of the translesion DNA polymerases. These pathways avoid replication

directly opposite the damaged DNA base and use the information contained in the undamaged

sister chromatid to continue with replication. Thus, these pathways are not mutagenic.

In a historically important paper published in 1968, Rupp and Howard-Flanders first identi-

fied what is known today as DNA damage tolerance106. They reported that after exposing E. coli

cells to UV irradiation, DNA becomes synthesized in short fragments that are later converted

into the larger molecular weight DNA present in the non-irradiated cells. This was the first

indication that once the replication fork is arrested by the photo-adducts caused by exposing

cells to UV, the replication fork re-initiates downstream of the site of lesion. The re-initiation

of the replication fork therefore leaves gaps in the daughter DNA strand corresponding to the

positions of UV-induced DNA damage. It was supported by the observation that the gaps are

of approximately 1000 nucleotides in size, which corresponds to the average distance between

UV-induced photo-adducts on DNA50.

Re-priming downstream of the site of damage therefore relieves replication fork stalling as

it removes the requirement for synthesis directly opposite the lesion. The re-priming events

depend on the primosome, a protein complex that catalyzes the synthesis of a RNA primer. A

central component of the primosome is the PriA helicase, and studies have shown that PriA

deficient cells are poorly viable after exposure to UV irradiation90. However, PriA-independent

replication fork re-priming events have also been identified76. More recently, it has been shown

that re-priming downstream of a site of damage does not require the dissociation of the repli-

some or replication restart proteins, but instead, the replisome remains attached to the DNA
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and re-initiates synthesis by a DnaG primase-dependent mechanism141. The gaps generated as

a result of re-priming are filled through recombination events between the two newly synthe-

sized daughter strands, as they have been shown to be dependent on the products of multiple

recombination rec genes111.

Another error-free pathway for avoiding DNA synthesis across a damaged DNA base is

achieved through a structural rearrangement of the replication fork, whereby the nascent daugh-

ter strands are extruded through the re-pairing of the two parental strands and form a duplex95.

This way, instead of using the damaged parental DNA strand as template for copying DNA, the

daughter strand now uses the other undamaged daughter strand as template for synthesis. This

pathway is known as replication fork regression or copy-choice replication after the fact that a

choice is made between the strands that can act as the template for synthesis. When the repli-

cation fork has been resolved from the temporarily extruded daughter strands structure back to

parental-daughter strand pairing, the damaged base is bypassed. The mechanisms involved in

the resolution of such structures remain to be understood.

1.5 Thesis objectives

While the E. coli system has been the paradigm for studying DNA replication for many years,

and the structure and function of the individual factors are well-characterized, it remains in-

sufficiently understood how the factors with distinct functions are organized to carry out high

fidelity DNA replication. Several individual interactions have been identified, for example the

association between the helicase and the primase, the binding of Pol IIIα to the exonuclease ε

to form the Pol IIIcore, and the interaction between the clamp loader protein τ and Pol IIIα.

However, the overall structure of the replisome is highly dynamic, as evidenced by the chal-

lenge of solving structures of the replisome containing more than four factors (β, α, ε, and a

C-terminal fragment of τ )27 and the growing number of single-molecule studies showing the

exchange of factors within the replisome3 73. Given the dynamics of the E. coli replisome, the

temporal transition between the various sub-states of the replication cycle is crucial for under-

standing its function. One aim of this PhD thesis is therefore to study the temporal organization

of the events involved in DNA replication.

Another area of study for this thesis are the events at the interface of DNA replication and

translesion synthesis, and more specifically, how the exchange between the high-fidelity and

specialized polymerases occurs. Given that the β clamp plays a pivotal role in controlling the

access of the translesion polymerases to DNA, a major challenge for the access of the poly-

24



merases to the clamp is the repeated loading of clamps on the lagging strand due to its dis-

continuous synthesis. How the loading and unloading of the clamp and replicative polymerase

Pol IIIα on the lagging strand is coordinated, while preventing the untimely association of the

translesion polymerases, has not been studied so far.

In order to understand temporal organization of the processes in DNA replication and transle-

sion synthesis and resolve whether the replicative and specialized DNA polymerases can simul-

taneously bind to the clamp, this PhD thesis aims to set up multi-color co-localization single

molecule spectroscopy (CoSMoS)33 as a means to directly visualize the binding and release of

the various factors in real-time at the single-molecule level.

As a whole, this PhD thesis is a step towards better understanding how the cell achieves

a balance between high fidelity DNA replication and error-prone DNA synthesis, and how a

choice between replication fidelity and mutagenesis is made.
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Chapter 2

Development of a single-molecule method

to study DNA replication

2.1 Introduction

The first single-molecule experiments were performed on ion channels using patch-clamping in

197618. Since then, a range of single-molecule techniques have been developed that have con-

tributed to our understanding of protein folding14 19, molecular motors27 28, gene expression12 25

and other important biological processes. The existing single-molecule methods can be broadly

divided into two categories: force-based and fluorescence-based, and these will be discussed in

more detail below.

Single-molecule techniques have generated much excitement in the molecular biology field

because they have shifted the way we understand biological processes: instead of thinking in

terms of the average of moles of molecules, we can now understand processes at the level

of single molecules. This is important for understanding multi-step enzymatic reactions for

example, because not all molecules will react at the same time and due to the stochastic nature

of molecular interactions, individual events will rapidly become asynchronous. In an ensemble

experiment, these asynchronous events will be averaged, leading to the blurring of the sequential

steps in the enzymatic process and preventing the discrimination between the steps.

In addition, single-molecule methods reveal the heterogeneity in the behaviour of molecules

and show a distribution of behavioural states rather than a single mean state that results from

ensemble experiments. As described in Kapanidis and Strick, 200913, a given enzyme in two

conformational states will result in a single value that represents the average of the two confor-

mations in an ensemble measurement, whereas single-molecule measurements will reveal the
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individual states and the transition between the states (Fig. 2.1).

Figure 2.1. Single-molecule methods reveal underlying protein dynamics. The two con-

formational states of an enzyme is averaged out in an ensemble experiment, whereas single-

molecule methods reveal the transition between the two states. Figure taken from Kapanidis

and Strick, 200913.

Measuring events at the single-molecule level, however, means that careful statistical analy-

sis of many individual events should be carried out in order to obtain a complete understanding

of the underlying process. This may seem counter-intuitive as the measurement of a large num-

ber of molecules seems to approximate an ensemble experiment. However, the difference is that

an ensemble measurement is a snapshot of all the states that a large number of molecules are

in at any given time, while single-molecule studies can capture each individual state. However,

obtaining a sufficient number of events for the interpretation of single-molecule statistics can

be time-consuming.

The E. coli replisome is composed of over 10 different proteins that act in concert to catalyze

multi-step enzymatic reactions. We want to understand the molecular details of how the differ-

ent steps are temporally organized and how the transition between the different steps occurs,

which are questions that can be uniquely addressed using single-molecule methods. However,

to set up a method that can answer the specific questions we are interested in, we start by ex-

ploring the main single-molecule methods used to study protein-DNA interactions.

2.1.1 Single-molecule methods for studying protein-DNA interactions

Protein dynamics on DNA have been studied using both force-based and fluorescence-based

techniques, each with their advantages and shortcomings. The main advantage of the force-
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based methods, which include optical and magnetic tweezers, is the ability to detect physical

changes in the DNA, for example when ssDNA is converted into dsDNA. However, the activity

of proteins on DNA must be inferred indirectly from changes in the DNA tension, which makes

it difficult to discriminate between multiple proteins as it is not possible to directly visualize

which protein is bound. In addition, if the protein activity does not result in a significant change

in the DNA tension, for example if the protein merely binds to the DNA, this may not be possible

to characterize using the force-based methods.

The fluorescence-based methods such as single-molecule FRET (smFRET) and multi-color

co-localization single-molecule spectroscopy (CoSMoS) have the advantage of directly visu-

alizing the DNA and protein molecules and their physical locations. Fluorescence can also be

used to probe structural dynamics in a single protein or the physical proximity of two molecules.

The main limitation of the fluorescence methods is that a binding event does not always cor-

relate with enzymatic activity. Since changes in DNA cannot be monitored, it is not always

possible to distinguish random from productive binding events, for example whether or not a

DNA nicking enzyme has introduced nicks in its substrate.

The attributes of each of these techniques are summarized in Table 1 and discussed below. A

new family of methods that combine the force and fluorescence-based techniques is emerging to

combine the advantages and overcome the limitations in the force-based and fluorescence-based

single-molecule methods.

Optical and magnetic tweezers

In an optical tweezers experiment, the DNA is attached via a single or both ends to microspheres

that are held in place in the focus of a laser beam (Fig. 2.2a). The force exerted on the DNA can

be varied by adjusting the distance of the microspheres and vice versa, a change in the distance

of the microspheres reflects the force experienced by the DNA. Optical tweezers can achieve

extremely high spatial resolution at the angstrom scale9, which is not yet possible using the

other force-based methods.

One application of the optical tweezers is to study protein translocation on DNA, where

the movement of a protein exerts a force on the DNA that is detected through a change in

the distance between the microspheres1. Another application is to study how protein result

in physical changes in the DNA, for example when a polymerase converts ssDNA to dsDNA.

Given that ssDNA and dsDNA have different elastic properties, conversion between the two

changes the force-distance relationship of a laser tweezers experiment26.
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In the magnetic tweezers setup, the DNA is surface-immobilized on one end and the other

end is vertically attached to a magnetic bead that is controlled using a pair of magnets (Fig.

2.2b). The magnets exert a constant force on the bead which can be adjusted by varying the

distance of the bead from the surface2. Similar experiments previously described for the op-

tical tweezers can also be performed using magnetic tweezers, although this method has not

yet achieved the same spatial sensitivity as the optical tweezers. However, the advantage of

magnetic tweezers is that they have greater force sensitivity and can be used to measure forces

with 0.01 pN accuracy13. It is also easier to manipulate the DNA using magnetic tweezers, for

example by applying torque and studying the effect of super-coiling on protein-DNA interac-

tions. Finally, multiple DNA molecules can be measured simultaneously, which increases the
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experimental throughput of the magnetic tweezers method compared to the optical tweezers

that typically handle a single DNA molecule at a time. As an example, magnetic tweezers have

been used to study the uncoiling of DNA21.

Figure 2.2. Optical and magnetic tweezers setup. a, Optical tweezers showing a DNA

molecule attached via single or both ends to microspheres in the focus of laser beams. b,

Magnetic tweezers showing a vertically stretched DNA that is attached to the surface via one

end and to a magnetic bead via the other end. Figure taken from Dulin et al, 20132.

Single-molecule FRET and PIFE

In a single-molecule fluorescence resonance energy transfer (FRET) experiment, the DNA sub-

strate and protein of interest are fluorescently labeled using a FRET fluorophore pair. The DNA

molecules are immobilized via one end on a glass surface and the protein-DNA interactions are

visualized by total internal reflection fluorescence (TIRF) microscopy. TIRF creates an evanes-

cent wave that excites a thin layer of approximately 100 nm above the glass surface and allows

the protein-DNA interactions to be followed over hundreds of DNA molecules.

Due to the distance-sensitivity of FRET at nanometer resolution, the FRET signal increases

when the donor and acceptor are in close proximity and decreases when they are far apart.

Therefore, the binding of a protein to DNA can only be detected by smFRET if the binding event

brings the donor and acceptor fluorophores into close proximity (Fig. 2.3a). Intra-molecular
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dynamics can be probed by placing both the donor and acceptor fluorophores on the DNA or

protein. For example, this has been used to monitor conformational changes in the DNA when

proteins bind to it22. Furthermore, the position of a protein on DNA can be measured when the

donor and acceptor fluorophores are placed separately on the DNA and protein. As the protein

moves along the DNA, the FRET readout can be used to give distance information20.

While single-molecule FRET allows protein binding events and intramolecular dynamics

to be studied, the caveat with this technique is that it does not allow the characterization of

events beyond the FRET distance. Therefore, there is a strict requirement for the positioning of

the fluorophores when studying processes by smFRET. The FRET signal can also be affected

by factors besides distance, for example the physical orientation and rotational freedom of the

fluorophore, which means that a FRET signal needs to be carefully interpreted.

The binding of a protein to DNA can also be measured using protein-induced fluorescence

enhancement (PIFE) (Fig. 2.3b), a phenomenon where the close physical proximity of a protein

to the fluorophore on the DNA enhances its fluorescence due to an induced cis-trans isomeriza-

tion of a double bond present in the fluorophore17. The advantage of PIFE over FRET is that

there is no need to fluorescently label the protein. This therefore avoids any effect caused by

photo-bleaching of the protein signal on data analysis. However, the drawback is the loss of

FRET signal that gives more sensitive distance information.

Co-localization single-molecule spectroscopy and DNA curtains

Another class of fluorescence-based single-molecule methods relies on the direct visualization

of the interacting DNA and proteins through fluorescent labeling. Here, multiple proteins on

DNA can be followed and the number of fluorescent factors that can be imaged in an experiment

is only limited by the spectrally separate fluorophores and laser channels available. Therefore,

an advantage of this type of fluorescence-based techniques over smFRET is an increase in the

number of usable fluorophores beyond the FRET fluorophore pair. The lack of requirement for

FRET in these methods also enables the studying of protein binding and processes happening

at a distance beyond those required for energy transfer. Hence, there is a greater choice in the

position of fluorophores when labeling molecules for such an experiment. However, the loss

of the FRET signal also removes useful distance information, for example the conformational

dynamics of a protein and its position on DNA.

In co-localization single-molecule spectroscopy (CoSMoS), fluorescently labeled DNA sub-

strates are immobilized on a surface and the co-localization between fluorescently labeled pro-
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Figure 2.3. Single-molecule FRET and PIFE. a, The transfer of energy between a donor and

an acceptor fluorophore can be used to detect binding events where the fluorophores are brought

into close physical proximity. b, The binding of a protein to the vicinity of a fluorophore can

lead to an enhancement of its fluoresence. Figure taken from Markiewicz et al, 201217.

teins and the DNA is followed by TIRF microscopy (Fig. 2.4a)3. The setup is similar to that for

smFRET, the difference being an increase in the number of laser channels used. When the DNA

is vertically immobilized on the surface, the specific location of the proteins on DNA cannot

be resolved as there is no spatial information in the vertical plane of the TIRF field. Instead,

information is obtained for the physical co-localization between proteins and DNA, including

the order in which the proteins assemble and their lifetimes on the DNA10 4 23.

The DNA curtains method also allows direct visualization of the proteins and DNA in real-

time. However in contrast to CoSMoS, the DNA is surface-immobilized and then laterally

stretched under hydrodynamic flow to create parallel arrays consisting of hundreds of DNA

molecules (Fig. 2.4b)7. The advantage of this setup is that it allows the position of proteins

on DNA to be followed in a high-throughput fashion, for example the three-dimensional diffu-

sion of proteins during target search24. In addition, the incorporation of fluorophores that bind

preferentially to ssDNA or dsDNA can be used to distinguish the physical state of the DNA

molecule6.
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Figure 2.4. Colocalization single-molecule spectroscopy and DNA curtains. a, The interac-

tion of multiple proteins on DNA is observed as the co-localization between the fluorescence

signals. Figure taken from Larson et al, 201416. b, Proteins (magenta) binding and movement

on DNA (green), as well as changes to DNA length and structure, can be visualized on laterally

stretched DNA curtains. Image by Dr Eric Greene, Columbia University.

2.1.2 Aims

Given that we want to study multiple protein factors in the E. coli replisome, we need a way

to unambiguously identify the proteins and follow their binding to DNA. For these purposes,

we have chosen to employ a fluorescence-based single-molecule technique, and specifically

CoSMoS, to allow multiple proteins to be followed at the same time.

2.2 Materials and Methods

Since this chapter is on method development, all materials are specified as they are mentioned.

More detailed experimental protocols are described in the Materials and Methods sections of

Chapters 3 and 4.
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2.3 Results

2.3.1 Flow cell

In order to image single molecules in the ∼ 100 nm TIRF evanescence field for CoSMoS, we

required a small volume sample cell.

We started by creating a sandwich between a 22 mm × 22 mm and a 18 mm × 18 mm

thickness 1 glass coverslip (VWR) using thin strips of parafilm (Fig. 2.5a). The sandwich was

sealed by heating it to 150 ◦C, at which the melted parafilm glued the two coverslips together.

Individual flow cells were separated from each other by the parafilm strips. While parafilm was

effective at sealing the individual channels, imaging the channel showed substantial fluores-

cence in the parafilm, which was leaked into the flow cells during washing of the flow cell (data

not shown). In addition, the dimensions of the coverslips were incompatible with the TIRF

microscope stage, which meant that it required a special holder to be made in order to secure it

on the stage.

Next, we created a flow cell between a 76 mm × 26 mm × 1.0-1.2 mm clear glass mi-

croscope slide (Thermo Scientific Menzel-Glaser) and a 22 mm × 22 mm, thickness 1 glass

coverslip (VWR) using strips of transparent double-sided sticky tape (Tesa) (Fig. 2.5b). The

volume of the flow cell was variable as this was dependent on the length of the cut tape strips

and the width of the channel created manually between the strips but was typically around 10-

15 µl. While the double-sided sticky tape was a clear improvement in reducing the background

fluorescence, this flow cell was open-ended, which meant that the reaction could evaporate from

the two ends. In addition, since the TIRF microscope is an objective-based microscope, the flow

cell needs to be mounted onto the stage with the coverslip facing down. Therefore, any new

additions into the flow cell requires the whole flow cell to be removed from the stage and placed

back after the injections. This is a problem because co-localization experiments rely on the

precise location of molecules and therefore any movement of the flow cell should be avoided.

To improve the reproducibility of the flow cells, we next sought to create a mould for cut-

ting the double-sided tape so that the volume of the flow cell would stay constant. In order

to do this, we purchased a Silhouette Portrait electronic cutting tool and 0.12 mm thick Se-

cureSeal Adhesive Sheet from Grace Bio-labs, which enabled us to create a mould in a highly

reproducible and fast manner. To further improve the reproducibility between experiments, we

designed the mould to contain three channels so that the same surface-treated coverslip could

be used for three experiments (Fig. 2.5c). This reduces any variation between the individual
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coverslips when a direct comparison needs to be made between different experimental condi-

tions. Furthermore, to allow easier manipulation of the experiment, we drilled holes in the glass

slide at each end of the flow cell that were just big enough to use a pipette tip for injecting new

reactions into the flow cell directly on the microscope stage. This type of flow cell was used for

the experiments described in this Thesis.

In addition, we attempted to make microfluidic flow cells by inserting tubing into the drilled

holes in the triple channels and securing the tubing into place using epoxy glue (5 minute Epoxy,

Devcon Home) (Fig. 2.5d). We then connected the free end of one tubing to a syringe on a

Pump11 Elite micro-pump and the free end of the other tubing to an Eppendorf tube containing

the solution to be introduced into the flow cell. We then used the syringe to withdraw the

reaction from the Eppendorf tube into the flow cell at speeds of 50-100 µl/min. Solution was

withdrawn into the flow cell rather than injected into it to avoid loss of material to the syringe

walls. The addition of tubing proved more difficult than anticipated: if the tubing was inserted

immediately after the assembly of the flow cells, i.e. when the flow cell was empty, the final

steps of surface passivation (see section 2.3.2 Surface chemistry) were time-consuming due

to the slow flow rate. If the tubing was connected after all the surface passivation was done,

i.e. the flow cell contained solution, it was very easy to introduce air bubbles into the system,

which frequently rendered the flow cell unusable. On the infrequent occasion that a successful

microfluidic flow cell was constructed, we also observed inconsistency in the amount of labeled

molecules injected into the flow cell, despite using the same concentrations and flow rates.

However, this may be simply due to nonspecific binding of labeled DNA and proteins to the

tubing and could be easily resolvable by passivating the tubing with BSA.

Since direct manual injection of reaction into the flow cell suffices for our experiments, we

did not pursue the construction of the microfluidic flow cell further. However, this would be

of interest for the future as having an automated system, especially with a switchable valve to

control the different inlets, can help improve the reproducibility and reduce the labour intensity

in a single-molecule experiment.

2.3.2 Surface chemistry

Next we sought a way to immobilize DNA so that the protein-DNA interactions could be visual-

ized at the surface using TIRF microscopy. Since biotinylation is a common DNA modification

and biotin binds to streptavidin with high affinity, most surface chemistries utilize ways to cap-

ture the biotin on DNA. Apart from attaching the DNA, the glass surface must also reduce any
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Figure 2.5. Various designs of flow cells. a, Dual flow cells created between two glass cov-

erslips using molten parafilm. b, Single flow cell created between a glass microscope slide and

a glass coverslip using double-sided tape. c, Triple flow cells created between a glass micro-

scope slide and a glass coverslip using mould cut out of double-sided adhesive sheet. d, Tubing

attached to the flow cell type described in c.

non-specific binding of proteins.

We first tested different dilutions of anti-biotin antibodies (Abcam) that non-specifically

attach to the glass surface and mediate direct capture of biotin-DNA. We further passivated the

surface using a layer of nonionic surfactant polyol called Pluronic F127 (Sigma). The advantage

of this type of surface chemistry is its simplicity as a single antibody layer is sufficient to attach

the bionylated DNA. However, doing some preliminary tests with this type of surface chemistry

showed a significant level of non-specific protein binding to the surface (data not shown).

A more widely used surface chemistry for the attachment of DNA is using a polyether

compound called polyethylene glycols (PEG)8, which forms a dense layer of polymer brush

at the surface. The PEG can be functionalized and a common modification is PEG-biotin.

When a mixture of PEG and PEG-biotin is used to functionalize the glass surface, DNA-biotin

can be attached via streptavidin to the PEG-biotin. We purchased HO-PEG-NH2 and biotin-

CONH-PEG-NH2 from Rapp Polymere and mixed the two compounds in a 5:1 ratio of PEG to

PEG-biotin. To attach the PEG onto glass, the glass needs to have the correct surface chemistry.

We did this through silanizing the glass using (3-Glycidyloxypropyl)trimethoxysilane (GOPTS)

(Sigma). GOPTS contains an epoxy group that reacts with the -NH2 group of the PEG molecule

and thereby forms a covalent linkage. GOPTS attaches to glass cleaned and oxidized using 3M

NaOH and Piranha solution, respectively. Piranha solution a mixture of hydrogen peroxide and
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Figure 2.6. Surface chemistry. The glass surface was treated using a multi-step protocol: the

surface was first washed and oxidized, followed by silanization and attachment of a layer of

PEG and PEG-biotin.

concentrated sulfuric acid (Fig. 2.6).

Imaging using the PEG surface still resulted in some non-specific binding of proteins (data

not shown) and therefore once the flow cell was assembled, the cleaned counter-surface and

the reaction surface were further passivated using a layer of Poly(l-lysine)-g-poly(ethylene gly-

col) (SuSoS) which is PEG attached to a poly(L-lysine) backbone. The backbone interacts

directly with the oxidized glass surface through electrostatic interactions. Furthermore, a layer

of Pluronic F127 (Sigma) and bovine serum albumin (BSA, New England Biolabs) were added

for further passivation of the glass surface. Lastly, streptavidin was introduced to bridge the

biotin on the PEG layer and the biotin on the DNA substrate.

While this multi-step surface treatment protocol is labor-intensive, it resulted in a well-

passivated surface with very little non-specific protein binding to the surface.
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2.3.3 Fluorophores

Fluorophores with high photostability and long fluorescence lifetime are required in order to

image protein-DNA interactions for long enough to capture the events of interest. Fluorescence

lifetime refers to how long the fluorophore can be imaged before it is bleached, while photosta-

bility measures the blinking of a fluorophore when it is excited with a laser. Fluorophores with

high photostability eliminates ambiguity in distinguishing between fluorophore blinking and the

dissociation and rapid rebinding of a protein since both can be seen as a fast disappearance and

re-appearance of the fluorescence signal. Our choice of using organic fluorophores instead of

quantum dots for example, took into consideration the much larger size of quantum dots which

may interfere with protein dynamics and protein-DNA interactions.

We began by testing the frequently used cyanine dyes (Cy3 and Cy5). To measure the

fluorescence lifetime of the dyes and visualize two truly co-localizing molecules, we placed

Cy3 on the template (Cy3 NHS ester from GE Healthcare; see section 2.3.4 Labeling strategies)

and Cy5 on the primer (directly ordered from IDT) and then annealed the two DNA strands to

form dsDNA (Fig. 2.7a). We then imaged the DNA substrate using the 561 nm and 638 nm

lasers but to our surprise, there was little signal in the Cy3 channel and no co-localization with

Cy5 signals was observed. This could be explained by the long wavelength of the laser used

to excite the Cy3 dye, which is normally excited using a 532 nm laser. The laser wavelength

of 561 nm is greater than the maximum excitation wavelength for Cy3 (554 nm, ThermoFisher

Scientific), at which the fluorophore absorbs the most efficiently and after which the absorption

efficiency decreases sharply. Therefore, the lack of signal may be accounted for by the low

excitation efficiency (Fig. 2.7a). Furthermore, we observed that the Cy5 dye bleached away

rapidly (Fig. 2.8).

Given that the cyanine dyes are unsuitable for the available lasers and microscope setup, we

switched to other fluorophores. We replaced the Cy5 dye on the primer DNA to Atto 647N and

imaged the Cy3/Atto 647N DNA duplex (Fig. 2.7b). The Atto 647N fluorophore gave bright,

well-defined spots that had a significantly longer fluorescence lifetime than Cy5 under the same

imaging conditions (Fig. 2.8). Next, we searched for fluorophores that are suitable for imaging

using the 561 nm and 488 nm lasers. This was done by labeling the template DNA with Atto

647N and varying the fluorophore on the primer strand to Atto 565 (Fig. 2.7c), or Atto 550,

Alexa 488, Atto 488 (Fig. 2.7d, data not shown for Atto 550 and Alexa 488). Given the higher

stability and brighter signal observed for the Atto dyes, we decided to use Atto 488, Atto 565

and Atto 647N in our future CoSMoS experiments.
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Figure 2.7. Atto fluorophores give bright signals. a, Low signal seen for the Cy3-Cy5 fluo-

rophore pair. b, Replacing Cy5 with Atto 647N resulted in bright spots. c, The Atto 565-Atto

647N fluorophore pair gave bright signals and co-localization could be seen as white spots in

the merged image. d, The Atto 488-Atto 647N fluorophore pair gave bright signals and co-

localization could be seen as white spots in the merged image.

The search for a fluorophore that could be excited using the fourth laser of 405 nm was

more problematic. We labeled the template DNA using the Atto 425 fluorophore and excited
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it using the 405 nm laser. However, the signal on the DNA could also be observed in the 488

nm channel, suggesting that the two channels were not spectrally well-separated. In addition,

considering that the 405 nm laser is an UV laser, excitation with such a short wavelength may

result in mutations in the DNA substrates that could affect the protein-DNA interactions. For

these reasons, this laser channel was not considered further for the co-localization experiments.

Figure 2.8. Atto 647N has a significantly longer fluorescence lifetime compared to Cy5.

The Atto 647N and Cy5 fluorophores were imaged under the same conditions. The number of

fluorescent spots were counted over the duration of the experiment.

Since it has been observed by us and others (Jeff Gelles, Brandeis University) that the life-

time of a fluorophore differs greatly when placed on DNA or protein, we next determined the

fluorescence lifetime of the Atto dyes on proteins. This was done by labeling the β clamp

protein of the E. coli Pol III holoenzyme, loading the protein onto DNA (see Chapter 3), and

measuring the fluorescence lifetime of the fluorophores under the same imaging conditions as

those used for the experiments presented in this Thesis. The β clamp was chosen for label-

ing because it is known to be highly stable once loaded onto DNA (see Chapter 3), and also

due to the fact that most of the protein binding events studied in this Thesis occur on the β

clamp. The determination of the fluorescence lifetimes of the Atto fluorophores ensures that the

lifetime of the protein-DNA interactions we study is not limited by the photo-bleaching of the

fluorophores. The fluorescence lifetimes of Atto 488, Atto 565 and Atto 647N on the β clamp

on DNA are shown in Fig. 2.9.

2.3.4 Labeling strategies

We wanted to achieve site-specific labeling of the DNA and proteins so that the number of

interacting molecules at any given time can be quantified. For protein labeling, we used two

different labeling strategies, depending on the number of cysteine residues present in the protein
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Figure 2.9. Fluorescence lifetimes of Atto 488, Atto 565 and Atto 647N on β clamp loaded

onto DNA. The fluorescence lifetimes of a, Atto 488 b, Atto 565 and c, Atto 647N were deter-

mined under the same imaging conditions as those used for the experiments presented in this

Thesis. Histograms show the distribution of lifetimes of the fluorophores on the β clamp and

the values represent the mean lifetime ± s.e.m.

of interest. The labeling of the proteins presented in this Thesis is described in more detail in

Chapters 3 and 4.

For proteins with one or two surface-exposed cysteine residues, we created a single labeling

site using mutagenesis to remove the other cysteine residue. Maleimide-linked dyes react almost

exclusively with the thiol groups in cysteine residues in the pH range 7.0-7.5 (Sigma). At higher

pH, maleimide can also interact with amines in the protein. Therefore to specifically label the

cysteine residue in the proteins, we conducted our labeling reaction at pH 7.5. Since reducing

agents such as dithiothreitol (DTT) contain thiol groups, any DTT must be buffer exchanged

out of the reaction prior to the introduction of the maleimide-dye. In fact, excess DTT is used

to quench the labeling at the end of the reaction.

In the case where the protein of interest contains multiple cysteine residues, replacing all but

one cysteine residue would involve multiple rounds of mutagenesis that could affect the protein

function. Therefore in these cases, we directly added a Ybbr sequence DSLEFIASKLA30 to

the N-terminus of the protein. This sequence is specifically recognized by the Bacillus subtilis

Sfp phosphopantetheinyl transferase enzyme, which conjugates any coenzyme A (CoA)-linked

moiety to the protein. Therefore, when an Atto dye is covalently linked to CoA by reacting the

maleimide functionalized Atto dye to CoA, the resulting CoA-linked dye can be enzymatically

conjugated to the protein of interest29.

Comparing these two protein labeling strategies, we consistently achieved 60-70 % labeling

efficiency using the Sfp enzymatic method in contrast to the higher efficiencies of 80-100 %

obtained by the direct labeling of cysteines using the maleimide dyes (see Chapters 3 and 4).
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The lower dye incorporation may be due to the incomplete separation of the CoA-dye conjugate

from free CoA, which would lead to the enzymatic incorporation of CoA to the protein of inter-

est, thus making the site unavailable for reaction with CoA-dye. In contrast, labeling proteins

with maleimide-dyes is a direct method, without any need to purify the reacting dye specifies

and is therefore only dependent on the accessibility of the cysteine residue to the maleimide

dye.

After labeling the proteins, we performed control experiments to show that the labeling did

not affect the function of the proteins. We used a φX174 phage DNA (5.4 kb) primer extension

assay to compare the activity of the unlabeled and labeled proteins. The individual proteins will

be discussed in more detail in Chapters 3 and 4, but as shown in Fig. 2.10, the labeled proteins

retained wild-type activity.

The primer-template DNA substrate was labeled internally on the template DNA strand

using NHS ester-activated dyes that react with primary amines to form amide bonds. Therefore,

the template DNA strand was internally amino-modified at a thymine base, and this was then

reacted with a NHS ester-linked Atto dye. We typically achieved ∼ 70 % labeling efficiency on

the DNA.

2.3.5 DNA substrates

A central component in the E. coli replisome is the β sliding clamp. Initial experiments of

adding the isolated clamp to a primer-template DNA substrate with a free 5’ end on the tem-

plate DNA showed that the clamp is capable of threading and unthreading itself at the free end

(Fig. 2.11b). Therefore, we biotinylated the free 5’ end and bound it to streptavidin. Strep-

tavidin is a tetrameric protein where each monomer is capable of binding to biotin. To avoid

forming large streptavidin-DNA complexes, we purified a monovalent streptavidin that has only

one monomer active for biotin binding (Fig. 2.11a). The DNA substrate end-blocked using

monovalent streptavidin prevented the self-threading of clamps (Fig. 2.11c).

The monovalent streptavidin was made by purifying two different forms of streptavidin:

streptavidin ”alive” that binds biotin and streptavidin ”dead” that no longer binds biotin due

to three point mutations that abolish its biotin-binding activity11. In addition, the streptavidin

”alive” contains a polyglutamate tail consisting of six glutamate residues at the C-terminus

of the protein, which can be used to separate the different ratios of streptavidin ”alive” and

streptavidin ”dead” subunits by ion exchange chromatography (Fig. 2.11a).

The fluorescently labeled template DNA was bound to the monovalent streptavidin and then
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Figure 2.10. The fluorescently labeled proteins retained wild-type activity. a, Coomassie

stained SDS-PAGE showing the unlabeled and labeled (*) proteins. b, Three-wavelength fluo-

rescence scan of the gel shown in b before Coomassie staining, showing the labeled proteins.

c, φX174 phage DNA (5.4 kb) primer extension assay showing the activity of the unlabeled

and labeled proteins. In the labeled reactions, fluorescently labeled clamp, clamp loader and

polymerase (Pol IIIcore, Pol II, or Pol IV) were used. The reactions were quenched at 0, 0.5,

1, 2, and 5 min. The increased background in the ’Pol IIIcore Fluo label +’ lanes is caused by

α-Atto 488, whose fluorescence signal overlaps with that of fluorescein on the DNA primer.

annealed to the primer DNA. This order is important because the primer DNA also contains

a 5’ biotin modification that is used for the surface-immobilization of the primer-template and

therefore we do not want the primer biotin to be sequestered by binding to the monovalent

streptavidin. In addition, the primer DNA contains a phosphothioate bond between the final
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two nucleotides that is resistant to 3’-5’ exonuclease activity of the E. coli ε subunit, in order to

protect the primer strand from being degraded.

Figure 2.11. DNA is end-blocked with monovalent streptavidin. a, Purification of monova-

lent streptavidin by ion exchange chromatography. b, Clamp can thread and unthread itself on

DNA with a free end. c, Clamp threading on DNA is blocked with monovalent streptavidin.

2.3.6 Setting up CoSMoS experiments to study protein-DNA interactions

To test whether the CoSMoS setup can be used to study protein-DNA interactions, we fluores-

cently labeled the Klenow fragment (KF) of the E. coli DNA polymerase I that results from

proteolytic digestion of the full-length protein, which removes the 5’ to 3’ exonuclease domain.

Previous bulk experiments have measured nanomolar affinity for KF binding to DNA15 and

KF-DNA interactions have also been shown using single-molecule FRET17. Therefore, KF is a

good positive control for studying protein-DNA binding events by CoSMoS.

The labeling of KF using maleimide-Atto 647N is described in detail in Chapter 3. When

KF-Atto 647N was incubated with Atto 565-labeled DNA, we observed frequent co-localization
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events between the protein and the DNA signals (Fig. 2.12). To visualize the protein binding

events on a single DNA molecule, a kymograph was created that shows the signal intensity

over the course of the experiment. The kymograph shows multiple association and dissociation

events of the KF on the DNA and therefore demonstrates that the CoSMoS setup can be used to

study the co-localization between proteins and DNA.

In addition, we tested the binding of the single-strand binding (SSB) protein with the DNA

substrate and here too we observed co-localization between SSB-Atto 647N and DNA-Atto 565

(Fig. 2.12). The co-localization between SSB and DNA can be explained by SSB binding to

the single-stranded overhang of the template DNA strand. The SSB protein was labeled by Dr

Emma Gleave in the lab.

Figure 2.12. Kymographs showing protein-DNA binding. Initial experiments showing bind-

ing of Pol I Klenow fragment and single-strand binding protein to DNA.

2.3.7 Data acquisition

Since there are three laser channels in the current setup: 488 nm, 561 nm and 638 nm, and one

laser channel is used for imaging the DNA, the number of labeled proteins that can be imaged

is two. In order to increase this number to three, we imaged the DNA and proteins in series so

that the same laser channel could be used twice. To do this, a short image stack was acquired of

the DNA channel at high laser power to record the position of the DNA spots and then rapidly

bleach away the signal (Atto 488, Fig. 2.14a). In order to control that the bleaching of the

DNA did not affect protein binding on DNA, we measured the binding lifetime of Pol IIIcore

on β clamp-DNA (see Chapter 3) with and without bleaching the DNA. As shown in Fig. 2.13,

the bleaching of DNA did not affect the lifetime of Pol IIIcore binding. The same Atto 488

fluorophore that was placed on DNA can then be used to label a protein. Around 5-10 DNA

spots were left unbleached (Fig. 2.14a) in order to map the position of the DNA spots to the

protein channels during data analysis.
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Figure 2.13. Bleaching of the Atto 488 fluorophore used to label DNA shows no effect

on the binding of Pol IIIcore to clamp-DNA. a, The lifetime of Pol IIIcore on clamp-DNA

without and b, with bleaching of the DNA signal.

The labeled proteins were manually injected into the flow cell and the acquisition of the

protein channels was started immediately. The three laser channels were acquired sequentially,

that is, one image of channel 1, one image of channel 2 followed by one image of channel 3

before the cycle starts again (Fig. 2.14b). We imaged each laser channel for 50 ms per frame

for 1000 frames. There was a delay of 170 ms per frame due to the switching between the laser

channels. Hence overall, the the time between two consecutive frames of the same laser channel

was 660 ms (Fig. 2.14b).

2.3.8 Data analysis

Next, we needed an efficient way to analyze the data. This is not trivial as it requires i) the

detection of binding events, ii) the determination of co-localization and iii) the quantitative

analysis of hundreds of binding events. For this, we used an approach that was pioneered

by Jeff Gelles and Larry Friedman at Brandeis University5. The analysis of multi-color image

stacks involves multiple steps, and the analysis method specific to our data sets was developed in

discussion with Larry and Jeff and are briefly described here. Firstly, the different laser channels

need to be aligned to make sure that a spot in the 488 nm channel corresponds to the same spot

in the 561 nm and the 638 nm channels. This was done by constructing a triple colored DNA

substrate consisting of three annealed oligonucleotides each labeled with a different fluorophore

(Atto 488, Atto 565 and Atto 647N). Then the spots containing all three colors are used to map

the x and y coordinates in one channel to the others. The analysis revealed that the misalignment

between the three laser channels is negligible (data not shown).

The images acquired of the DNA channel were used for selecting DNA spots to probe for
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Figure 2.14. Data acquisition scheme. a, Image stack is acquired of the DNA channel, first

to record the positions of the DNA molecules and then to bleach away the signal to recycle the

fluorophore for protein imaging. b, Image stack is acquired of the protein channels where the

channels are acquired sequentially within each image frame. The time between two consecutive

frames of the same laser channel is 660 ms.

binding events in the protein channels. This selection was done in a semi-automated manner,

where an intensity threshold input into the analysis package allowed all the spots above a certain

intensity level to be picked. However, the package also picked closely spaced DNA spots that we

then manually excluded from the analysis to avoid the protein binding events on a neighboring

DNA molecule to be mistaken for a binding event on the DNA spot of interest. Once the DNA

spots have been selected, mapping was done between the DNA channel and the protein channels

in order to correct for any movement in the microscope stage in between acquiring the DNA

images and injecting the labeled proteins into the flow cell. The mapping was done using the

unbleached DNA molecules at the end of the DNA acquisition which were present in the first

few frames of the protein channel imaged with the same laser (Fig. 2.14a and b).

Since the image stacks of the protein channels are acquired over ten minutes, the drift in

the microscope stage also need to be corrected. This is because if the stage drift is significantly

large over the course of the experiment, the integration of the signal intensity centered at single
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xy coordinate will not be sufficient to follow the same spot over the stack of images. The

correction for the stage drift was done by selecting for spots that remain for the whole duration

of the image stack (i.e. proteins that are non-specifically bound to the surface) and using the

changes in the coordinates of these spots to correct for the drift across the stack.

For each xy position of a DNA spot, the fluorescence intensity is integrated over the entire

image stack in the protein channels. The output of this integration is a graph of signal intensity

over time. However, an increase in the fluorescence intensity at a given position can be affected

by fluorescent molecules in close proximity but not truly overlapping, and therefore looking at

fluorescence intensity can be an error-prone way of studying co-localization events5. Instead,

the true co-localization between two molecules is discriminated from the false positive events

using a physical proximity threshold for the spots. Using this method, a positive co-localization

event is scored if the distance between two molecules are less than 1.0 pixel (105 nm) apart.

This threshold was selected by trial and error using different threshold values and picking a

value that removes most false positive events but keeping the real co-localization events. Finally,

each positive co-localization event was verified by visual inspection.

2.4 Discussion

Single-molecule methods offer previously unattained resolution when studying biological pro-

cesses by revealing the dynamic behavior of individual molecules and the variation in a popu-

lation of molecules. However, the development of a single-molecule method is not straightfor-

ward given the large number of variables that need to be tested and optimized for the specific

experimental setup. There remains somewhat of a barrier between the developers of the single-

molecule methods who commonly have backgrounds in physics and optics, and the biologists

who want to apply these methods to study biological processes13.

The initial stages of setting up the CoSMoS system was time-consuming as it involved

significant trial and error. For example, a good amount of time was spent in testing various

tapes for their contribution to the background fluorescence of the experiment; the first flow cells

had high level of surface contamination that prompted more meticulous cleaning of the surfaces;

the first CoSMoS experiments showed significant unspecific protein binding to the surface that

encouraged further passivation of the surfaces. Building of this CoSMoS setup was a continuous

improvement process that underwent various changes over time to improve the quality and

reproducibility of the experiments. The final CoSMoS setup used for the experiments presented

in this thesis is shown Fig. 2.15.
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Figure 2.15. Experimental setup. a, Schematic representation of the experimental setup. DNA

molecules are attached to a PEGylated glass slide via a biotin-streptavidin layer and are end-

blocked with monovalent streptavidin. Fluorescently labeled proteins will be detected when

bound to the DNA molecules. b, Schematic representation of the three fluorescent channels

from a single image of a 1000-image series showing the presence of the fluorescently labeled

molecules. c, Schematic representation of kymographs from a single position in the image

series, revealing the binding and release of different proteins on the DNA at that position.

The biggest hurdle to increasing the throughput of single-molecule experiments is data anal-

ysis. While semi-automated, the current analysis still requires a significant amount of manual

inspection. For example, the correction for drift in an image stack requires the identification

and tracking of spots that remain for the whole duration of the experiment. Currently, these

spots are identified manually by verifying their presence through the entire image stack, and

this process could be simplified by automating the tracking of the spots in the different image

frames. This would require a script that identifies the same spots over a number of images. In

addition, given that the overall protocol for analyzing the CoSMoS images is the same for all

experiments, it should be possible to automate the entire process from picking the DNA spots
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to getting an output with the co-localization events.

In addition to the data analysis, the introduction of different fluids into the flow cell should

also be possible to automate. Ideally, we would have multiple inlets into a flow cell and a micro-

valve that governs the opening and closing of the individual inlets. The micro-pump would be

under the control of a written program that controls the volume and speed that a solution is

injected into the flow cell. This would be especially useful for the surface passivation steps

that occur after the assembly of the flow cell, where the same volume of the same solutions are

injected into the flow cell for every experiment.

While there are multiple variables to consider in a single-molecule experiment and currently

it still takes a full day to analyze the results from a single experiment, with the automation of

many of the processes, single-molecule experiments should be able to become a routine method

in the laboratory in the near future.
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Chapter 3

Studying E. coli DNA replication by

CoSMoS

3.1 Introduction

The E. coli β clamp is a circular protein that is loaded onto DNA by the clamp loader complex

(see Chapter 1)12 17. Studies have shown that the loader binds and opens the clamp in an ATP-

bound state and subsequent DNA binding triggers ATP hydrolysis and the release of the loader

from clamp and DNA12 17.

Much of the information on the general mechanism of clamp loading have been inferred

from existing structures of the loader and clamp in the different stages of the clamp loading

process. However, the existing structures are of clamp loaders from different species that are

very divergent in sequence, and only single structures are available for some key intermediates.

The existing structures are of the E. coli clamp loader in the absence15 and presence24 of DNA,

the yeast clamp loader bound to a closed clamp in the absence of DNA1, and the T4 bacterio-

phage clamp loader bound to an open clamp in the presence of DNA (Fig. 1.3)16. Therefore

to better understand the clamp loading process, it is important to study the clamp loading cycle

using the clamp loader and clamp from a single organism.

It has been estimated that 2000-4000 Okazaki fragments are needed for one round of repli-

cation of the E. coli 4.6 megabase genome20. However, each E. coli cell is thought to contain

only 300 clamps3 and therefore the clamps that are loaded onto the lagging strand need to be

unloaded and recycled to allow continuous DNA synthesis to occur. The unloading of clamps is

carried out by the same clamp loader complex that loads clamps onto DNA, but the mechanism

of clamp unloading is much less studied.
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The composition of the E. coli clamp loader complex is presented in Section 1.3.5 of Chapter

1. Briefly, the in vivo clamp loader is the τ complex, consisting of either two or three copies

of the τ protein (τ 2γ1δ1δ’1 or τ 3δ1δ’1) depending on the number of the replicative polymerase

Pol IIIα tethered to it (Fig. 1.5, Chapter 1). However, the γ complex γ3δ1δ’1, in which the

full-length τ protein is replaced by the truncated protein γ, is fully functional in loading clamps

onto DNA in vitro although it does not bind to Pol IIIα. In order to separate the processes of

clamp loading and unloading from polymerase binding, we use the minimal clamp loader in the

form γ3δ1δ’1 in our experiments. We also study clamp loading using a fully saturated τ 3δ1δ’1

complex with three polymerases bound as a comparison.

The replicative polymerase in E. coli Pol IIIα forms a stable trimeric core complex with the

exonuclease ε subunit and the accessory θ subunit, termed the Pol IIIcore23. Pol IIIcore asso-

ciates with the β clamp on DNA to initiate processive synthesis. While the transition from the

loader bound clamp to the polymerase bound clamp needs to occur to allow for DNA synthe-

sis, the molecular details of how this transition is organized and how the polymerase achieves

processive DNA synthesis on the clamp remain unclear.

Therefore, the aim of this chapter is to study the loading of the replicative DNA polymerase

onto the β clamp on DNA as well as the detailed kinetics and dynamics of the clamp loading

and polymerase loading events. These questions can be uniquely addressed using CoSMoS

given that the order of assembly and the lifetimes of single protein molecules on DNA can be

measured.

3.2 Materials and Methods

3.2.1 Cloning of protein expression vectors

Genes for E. coli β (dnaN), ε (dnaQ), θ (holE), γ (dnaX) and Bacillus subtilis Sfp phosphopan-

tetheinyl transferase were cloned into pET28a vectors, and genes for δ (holA), single cysteine

δ’ (holB) K83C/C217S/C294S11 and τ (dnaX) were cloned into pET3d vectors. The sequence

for Pol I (polA) Klenow fragment (residues 324-928) was cloned into a pETNKI-His-3C-LIC

vector21. For labeling purposes the Ybbr sequence DSLEFIASKLA32 was added N-terminally

to Pol IIIα (dnaE) in a pETNKI-His-3C-LIC vector. The clamp binding mutants of ε were gen-

erated through site-directed mutagenesis: residues 182-187 were mutated from QTSMAF to

QTSLPL for ε(β+)28 and to QTSAAA for ε(β-)7. The plasmids for streptavidin ’alive’ (biotin-

binding) and streptavidin ’dead’ (not biotin-binding)13 were generous gifts from M. Howarth

72



(Univ. of Oxford).

3.2.2 Protein expression and purification

All columns were purchased from GE Healthcare. Unless otherwise specified, protein purifi-

cations were performed with the following gradients using the columns stated: nickel affinity

using Histrap HP (25-500 mM Imidazole gradient in the presence of 500 mM NaCl), ion ex-

change using Hitrap Q HP for anion exchange and Hitrap SP HP for cation exchange (0-1 M

NaCl gradient), Hitrap Phenyl HP for hydrophobic interaction chromatography (2-0 M ammo-

nium sulfate gradient) and a 120 ml Superdex 200 column for gel filtration (150 mM NaCl).

Pol IIIα-Nybbr, β, θ and Sfp were expressed in E. coli BL21 (DE3) Gold cells for 2 hours at

30 ◦C and purified in 20 mM Hepes pH 7.5 and 2 mM DTT by nickel affinity chromatography,

anion exchange and gel filtration.

The wild-type ε and the β binding mutants of ε were expressed in E. coli BL21 (DE3)

Gold cells for 2.5 hours at 30 ◦C, and purified in 25 mM Hepes pH 8.2 and 2 mM DTT by

nickel affinity under denaturing conditions (in the presence of 6 M Urea), followed by refolding

overnight at 4 ◦C in 25 mM Hepes pH 8.2 and 10 mM DTT and anion exchange.

γ, δ and δ’ K83C/C217S/C294S were expressed in E. coli BL21 (DE3) Gold cells for 2

hours at 25 ◦C followed by 2 hours at 18 ◦C. τ was expressed in E. coli BL21 (DE3) pLysS

cells for 1 hour at 30 ◦C. δ and δ’ K83C/C217S/C294S proteins were purified in 50 mM Hepes

pH 7.5, 0.1 mM EDTA and 10 mM DTT by phenyl hydrophobic chromatography, anion and

cation exchange. γ was purified in the same buffer by nickel affinity chromatography. τ was

purified by 23 % to 17 % (w/v) ammonium sulfate cuts, followed by cation and anion exchange

in 50 mM Hepes pH 7.5, 0.5 mM EDTA and 2 mM DTT. The γ3δ1δ’1 and τ 3δ1δ’1 complexes

were assembled after the labeling of δ’ K83C/C217S/C294S (see below).

Pol I Klenow fragment was expressed E. coli BL21 (DE3) Gold cells for two hours at 30
◦C and purified in 20 mM Tris pH 8.0 and 2 mM DTT by nickel affinity chromatography, anion

exchange and gel filtration.

Streptavidin alive and dead were purified and prepared as described13.

3.2.3 Protein labeling

All gel filtration experiments in this section were carried out using a 2.4 ml Superdex 200

Increase column (GE Healthcare), with the exception for the β clamp, which is smaller size

(80 kDa) compared to the other proteins and protein complexes and therefore run on a 2.4 ml
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Superdex 75 column (GE Healthcare). The columns were equilibrated in 20 mM Tris-HCl pH

7.5, 50 mM potassium glutamate and 2 mM DTT.

Pol IIIα was labeled at a single site in the N-terminus using the Sfp method31. Atto 488 flu-

orophore was conjugated to Coenzyme A as described32 and Pol IIIα was labeled in a reaction

containing 10 mM MgCl2, 50 mM Hepes 7.5, 10 mM DTT, 2 µM Sfp, 100 µM CoA-Atto 488,

and 50 µM protein for 2 hours at room temperature. The labeled protein was purified away from

the free dye by gel filtration and the labeling efficiency was determined spectrophotometrically

using the protein and fluorophore absorption ratios, with the free fluorophore absorption at 280

nm subtracted from the protein absorption at 280 nm. The labeling efficiency of Pol IIIα was

60 %. The labeling efficiency for Pol IIIα was verified at the single-molecule level by measur-

ing the co-localization frequencies between labeled Pol IIIα and labeled ε (see Chapter 4) on

clamp-DNA. Each co-localization event was scored as having labeled Pol IIIα only, labeled ε

only, or both labeled proteins. Measuring the labeled efficiency this way showed 67 % labeling

for Pol IIIα, which is similar to the efficiency measured by absorption.

The labeled Pol IIIα protein was then re-constituted into Pol IIIcore by incubating the pro-

tein together with wild-type ε and θ proteins at 1:1:1 ratio and Pol IIIcore was purified by gel

filtration. Peak fractions from the gel filtration were analyzed by SDS-PAGE.

The β clamp is a homodimer and each monomeric subunit contains 4 cysteines. However

each monomer was specifically labeled on a single cysteine residue as determined by mass

spectrometry (data not shown). DTT was removed from the buffer by gel filtration prior to

labeling as DTT contains thiol groups that would otherwise react with the maleimide dye. β

clamp was then incubated with a 5 molar excess of maleimide-Atto 647N dye for 5 hours at 4
◦C. After labeling, the reaction was quenched and the protein was purified away from the free

dye by gel filtration in the presence of DTT. The labeling efficiency of the β monomer, 68 %,

was determined spectrophotometrically .

The δ’ K83C/C217S/C294S protein was buffer exchanged by gel filtration to remove DTT.

The protein was then labeled using a 5 molar excess of maleimide-Atto 565 dye for 1 hour at

room temperature. The labeled protein was purified away from the free dye by gel filtration

in buffer containing DTT to quench the labeling reaction. The labeling efficiency, 85 %, was

measured spectrophotometrically. The labeled δ’ protein was then mixed together with the

purified γ/τ and δ proteins at 1:2:1 ratio of γ/τ :δ:δ’ and the re-constituted complexes (γ3δ1δ’1

and τ 3δ1δ’1) were purified by anion exchange. Peak fractions from the ion exchange were

analyzed by SDS-PAGE. To fully occupy all Pol IIIcore binding sites on τ 3δ1δ’1, a 5-fold excess

of Pol IIIcore was added to the τ complex, and the complex was purified by gel filtration.
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Pol I Klenow fragment was buffer exchanged on gel filtration to remove DTT. The single

cysteine residue in Pol I Klenow fragment (C907) was labeled for 1 hour at room tempera-

ture using a 5 molar excess of maleimide-Atto 647N dye. The labeled protein was purified

away from the free dye by gel filtration in the presence of DTT and the labeling efficiency was

determined spectrophotometrically to be 100 %.

3.2.4 φX174 primer extension assays

Activity of the labeled proteins was tested using a single-stranded φX174 phage DNA (New

England Biolabs) annealed to a primer with a 5’ label (5’FAM-ACCAACATAAACATTATT-

GCCCGGCGTACpG, where lowercase ’p’ indicates a non-cleavable phosphothioate bond).

Reactions were performed in 20 mM Tris pH 7.5, 2 mM DTT, 50 mM potassium glutamate,

8 mM magnesium acetate, and 0.05 mg/ml BSA. Each reaction contained 5 nM primed φX174

phage DNA, 50 nM β clamp, 10 nM γ clamp loader complex (γ3δ1δ’1), and 30 nM Pol IIIcore.

Reactions were stopped at 0, 0.5, 1, 2 and 5 minutes using a stop buffer containing 75 mM

EDTA and 0.6 % (w/v) SDS, and were separated on an alkaline agarose gel (0.8 % agarose, 30

mM NaOH, 2 mM EDTA) for 15 hours at 14 V. Gels were scanned at 488 nM using a Amersham

Typhoon (GE LifeSciences).

Results of the φX174 primer extension assays are presented in Section 2.3.4 of Chapter 2.

3.2.5 DNA substrate

The DNA oligos were purchased from IDT. The template DNA is 33 nt in length, with the

sequence 5’Bio-CATAATATCCATGCTTCACC[amino-dT]TCATCCAAATCC, where ’amino-

dT’ represents an internal amino modification on a thymine base for the labeling of the DNA.

The template DNA was labeled with excess NHS-ester activated Atto 488 fluorophore for 1

hour at room temperature in 0.1 M sodium phosphate buffer (0.1 M NaH2PO4 and 0.1 M

Na2HPO4, pH 7.0) and the free dye was separated by gel filtration on a 2.4 ml Superdex 75

column (GE Healthcare). The labeled template DNA was then bound to monovalent strep-

tavidin and purified by gel filtration before annealing to a 27-nt primer DNA with the se-

quence 5’Bio-GGATTTGGATGAAGGTGAAGCATGGApT, where the lowercase ’p’ indicates

the non-cleavable phosphothioate bond).
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3.2.6 Preparation of slides

Glass slides and coverslips were washed in 3 M NaOH and Piranha solution (3:2 concentrated

sulfuric acid: 30 % hydrogen peroxide) and then silanized (using 3-Glycidyloxypropyl)tri-

methoxysilane from Sigma) and pegylated (using 5:1 HO-PEG-NH2 and biotin-CONH-PEG-

NH2 from Rapp Polymere). The imaging chamber (15 µL) was assembled by creating a sand-

wich between the coverslip and glass slide using double adhesive tape, and it was further passi-

vated using 4 mg/ml PLL-PEG (SuSoS), 1 % (w/v) Pluronic F127 (Sigma) and 10 mg/ml BSA

(New England Biolabs). Streptavidin (1 mg/ml) (New England Biolabs) was added last to bind

the biotin-DNA.

3.2.7 TIRF microscopy

The labeled proteins were added together at 15 nM β clamp, 15 nM γ complex, 30 nM Pol

IIIcore and 0.5 mM ATP in imaging buffer containing 20 mM Tris-HCl pH 7.5, 50 mM potas-

sium glutamate, 8 mM MgCl2, 4 % glycerol, 2 mM DTT, 0.1 % Tween20 and 1 mM Trolox. 10

nM of the τ complex was added in the reactions as it was saturated with Pol IIIcore on each of

the three polymerase binding sites, and therefore the final concentration for Pol IIIcore in these

experiments was 30 nM. In the Pol IIIcore idling experiments, 0.5 mM of each of dATP and

dTTP was added to the reaction.

The reaction was manually injected into the imaging chamber and imaged on a Nikon

Eclipse Ti-E microscope with ApoTirf 100X/1.49 Oil, 0.13-0.20 WD 0.12 objective controlled

by the Micromanager software. The lasers used were 150 mW 488 nm, 150 mW 561 nm (both

Coherent Sapphire) and 100 mW 638 nm (Coherent Cube) controlled by an acousto-optic tun-

able filter (Gooch & Housego). Movies were acquired on an Andor iXon (EM)+ CCD camera

at 20-40 mW laser power (output from the laser) and an exposure of 50 ms per frame with rapid

alternation between the laser channels (170 ms for the exchange). The frame rate was therefore

660 ms for a 3-color experiment, 440 ms for a 2-color experiment, and 86 ms for a single color

experiment (as there was no need to switch between the laser channels). Prior to imaging the

protein channels, a movie was acquired of the DNA channel at 50-60 mW laser power (output

from the laser) and 1 s per frame exposure rate to record the positions of the DNA molecules

and to bleach the DNA-Atto 488 signal in order for the channel to be re-used for Pol IIIα-Atto

488.
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3.2.8 Data analysis

The acquired movies were analyzed using the Imscroll analysis GUI developed by Jeff Gelles

and Larry Friedman8 to find the individual landing events and their dwell times. Each field

of view (54 µm × 54 µm, pixel size 105 × 105 nm) had an average density of 5900 DNA

molecules of which 700-900 molecules were well-spaced and picked for analysis. Histograms

were plotted in Igor Pro and the data was fitted with a single exponential. The decay constant

τ represents the mean lifetime/lag time and the error in τ represents the error in the mean

lifetime/lag time.

3.3 Results

3.3.1 Protein labeling and complex re-constitution

In order to able to quantify the number of interacting molecules in an experiment, we aimed to

label the proteins at a single site.

Given that the γ complex consists of five polypeptides, each with multiple cysteine residues,

we wondered whether we could develop a labeling method that avoids perturbations to the

assembly of the γ complex. A previous study showed that the γ complex binds with high affinity

to a short peptide of the ψ subunit of the holoenzyme24. Therefore, we cloned the sequence of

the ψ peptide (residues 2-28) into a vector containing a SUMO tag to enable to expression of

small peptides in E. coli and subsequently allow precise cleavage of the tag. Unfortunately

the ψ peptide was sensitive to protease cleavage during purification and therefore could not be

incorporated into the γ complex at any observable levels (data not shown).

Given the challenges of the indirect labeling method, we switched to directly labeling the γ

complex at the δ’ subunit by making a triple mutant (K83C/C217S/C294S) to achieve single site

labeling11. The labeled δ’ protein was purified by gel filtration which allowed the separation

of the labeled protein from excess dye (Fig. 3.1a). The labeled δ’ protein eluted from gel

filtration at the same retention volume as the unlabeled protein prior to the labeling reaction,

which showed that the labeling did not interfere with protein folding.

The labeled δ’ protein was incubated with the δ and γ proteins at limiting γ concentrations

for complex re-constitution. This is because the isolated γ protein elutes at a similar salt con-

centration as the γ complex during ion exchange and therefore we wanted to ensure that any γ

protein will be incorporated into the complex. Excess labeled δ’ and unlabeled δ proteins were

separated from the re-constituted γ complex by ion exchange (Fig. 3.1b-c).
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Figure 3.1. Labeling of the γ complex. a, Gel filtration run of the δ’ labeling reaction. b,

Ion exchange run of the re-constituted labeled γ complex. c, SDS-PAGE gel analysis of the

peak fractions of the ion exchange run. The high intensity from the δ’-Atto 565 signal is due to

fluorophore contribution to the gel visualized by UV.

Given that Pol IIIα contains 12 cysteine residues, it would be non-trivial to mutate away

all cysteines apart from one for labeling with maleimide dyes at a single site. Therefore, we

decided to label it at the N-terminus using the previously published Sfp method32. We tried a

number of labeling conditions for the labeling of Pol IIIα including the duration of incubation

(1, 2, 3 and 5 hours), temperature (room temperature or at 4 ◦C) and fluorophore to protein ratios

(1:1 and 5:1). However, we were unable to increase the labeling efficiency beyond 60 %. The

labeled Pol IIIα protein was separated from free dye by gel filtration (Fig. 3.2a). Incubation

of the labeled Pol IIIα protein with exonuclease ε and the accessory protein θ at equimolar

concentrations allowed the re-constitution of labeled Pol IIIcore, seen as a slight shift in the

peak on gel filtration as compared to the labeled Pol IIIα alone (1.26 ml for Pol IIIcore and 1.29

ml for Pol IIIα) and the co-migration of Pol IIIα, ε and θ by gel analysis (Fig. 3.2b-c).

The labeling of the β clamp and the Klenow fragment of Pol I was optimized by testing

a range of labeling conditions as done above for Pol IIIα, and the labeled protein was sepa-

rated from free dye by gel filtration (Fig. 3.3a-b). In the case of labeling the β clamp, the

free dye stuck to the gel filtration column and eluted after the run which explains why a peak
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Figure 3.2. Labeling of Pol IIIcore. a, Gel filtration run of the Pol IIIα labeling reaction.

b, Gel filtration run of the re-constituted labeled Pol IIIcore. c, SDS-PAGE gel analysis of the

re-constituted Pol IIIcore. Gel stained using Coomassie.

corresponding to the free dye was not observed (Fig. 3.3a).

Figure 3.3. Labeling of β clamp and Klenow fragment. a, Gel filtration run of the β clamp

labeling reaction. b, Gel filtration run of the Pol I Klenow fragment labeling reaction.

In addition to the assessment of correct protein folding by gel filtration, a further quality

control of the labeled proteins was performed using a primer extension assay. Here, the ability

of the labeled proteins to extend a primed single-stranded (ss) DNA substrate was compared to

the unlabeled proteins and as shown in Fig. 2.10, Section 2.3.4 of Chapter 2, the labeled protein
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retained wild-type activities.

3.3.2 Clamp loading

As shown in Fig. 2.11 in Section 2.3.5 of Chapter 2, isolated β clamps do not bind to the DNA

substrate that is end-blocked with streptavidin. However, when the clamp is combined with

the γ clamp loader complex, frequent clamp loading events are observed where the loader and

clamp bind to the DNA simultaneously (Fig. 3.4a). The difference between the loader and

clamp arrival times is zero in 67 % of the events and a single time frame in 33 % of the events

(Fig. 3.4b). The difference in the arrival times can be explained by the sequential acquisition

of the three laser channels within a single time frame (Fig. 3.4b-c). This shows that the E. coli

loader and clamp form a pre-complex in solution, which was previously inferred from the yeast

structure of the loader bound to a closed clamp in the absence of DNA1.

Upon arrival at the DNA, the loader binds to the DNA very briefly, while the clamp remains

bound for the remaining time of the data acquisition (Fig. 3.4a). Given that the lifetimes of the

loader and the clamp are very different, it was not possible to accurately measure both lifetimes

in a single experiment. To capture the long lifetime of the clamp on DNA, we first loaded the

clamp onto DNA and then washed away the excess proteins. We imaged the clamp for one hour

with a 10 s interval between the frames to avoid photo-bleaching of the signal. As shown in

Fig. 3.4d, the clamp remained bound to DNA for 1430 ± 180 s or ∼ 23 minutes, excluding the

time that was taken for the clamps to be loaded and the washing step prior to the start of the

acquisition (∼ 3 minutes).

In contrast, the lifetime of the γ clamp loader complex on DNA is very short-lived and in

order to determine it accurately, we used only one laser channel to decrease the frame rate to 86

ms compared to the 660 ms for all three channels as is discussed in Section 2.3.8 of Chapter 2.

The lifetime of the isolated loader on DNA is 1.20 ± 0.05 s, which is shortened to 0.41 ± 0.01

s in the presence of the clamp during clamp loading (Fig. 3.4e).

ATP hydrolysis is required for the release of the clamp loader from clamp-DNA as evi-

denced by the fact that in the presence of ATPγS, the slowly hydrolyzable ATP analogue, the

loader and clamp still bind to the DNA simultaneously but also release together (Fig. 3.5a). The

loader and clamp bind to the DNA briefly for 2.7 ± 0.2 s (Fig. 3.5b), which contrasts with the

long lifetimes for the loaded clamps on DNA. Interestingly, the lifetime of the loader and clamp

complex on DNA is longer than the lifetime of loader alone on DNA, which may be explained

by the additional DNA-binding surfaces contributed by the clamp9.
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Figure 3.4. Clamp loading in the presence of ATP. a, Representative trace showing clamp

loading on DNA in the presence of ATP. b, Binary distribution of the difference in the loader

and clamp arrival times (I and II). c, Schematic representation of how the simultaneous arrival

of loader and clamp can be recorded in a single (I) or two (II) sequential image frames. d, The

distribution of lifetimes for the clamp and e, the loader on DNA. All lifetimes are represented

as mean ± s.e.m.

Taken together, our data is consistent with previous studies showing that the ATPase activity

of the clamp loader increases with clamp and DNA binding and that this triggers the release of

the clamp loader from clamp-DNA12 17.

3.3.3 Clamp unloading

Our data reveal a different temporal organization of the loader and the clamp during clamp

unloading as compared to clamp loading. During unloading, the loader binds to the DNA for an
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Figure 3.5. Clamp loading in the presence of ATPγS. a, Representative trace showing the

simultaneous arrival and release of loader and clamp on DNA. b, The distribution of lifetimes

for the clamp represented as mean ± s.e.m.

average of 10.8 ± 1.2 s but the clamp is released within 4.1 ± 0.4 s of its arrival (Fig. 3.6a-c).

Therefore the loader remains bound to the DNA by itself once the clamp has been unloaded. It

is curious that the isolated loader binds to the DNA substrate for 1.2 s (Fig. 3.4e) but once the

clamp has been unloaded, the loader remains bound to the DNA for 6-7 s, which may suggest

that the loader adopts an entirely different conformation during unloading compared to what

can be achieved by the isolated loader.

In addition to the differences in the temporal organization of the unloading process, we also

find that contrary to clamp loading, clamp unloading does not require ATP. To test the nucleotide

requirement of the unloading process, we first loaded clamps onto DNA and then washed away

the ATP and free proteins (Fig. 3.6d). The loaded clamps remained bound to the DNA and

were unloaded by the introduction of new loader proteins in the absence of ATP. We controlled

for the success of washing away the ATP in a separate experiment where new loader and clamp

proteins were introduced after the wash. No loading events were observed which confirmed

that there was no residual ATP in the chamber (data not shown). The loader lifetime and the

lag time between loader arrival and clamp release are identical in the clamp unloading events in

the presence and absence of ATP, showing that the unloading events are ATP-independent (Fig.

3.6e-f).

3.3.4 Polymerase loading

Next we studied the binding of the replicative DNA polymerase to DNA. Pol IIIcore associates

with DNA very transiently, for less than the temporal resolution of a single laser channel (86

ms) (Fig. 3.7a-b). Multiple short-lived associations were observed on a single DNA molecule.

This suggests that the polymerase makes short-lived contacts with the DNA but is unable to bind
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Figure 3.6. Clamp unloading in the presence and absence of ATP. a, Representative trace

showing clamp loading and unloading by the loader in the presence of ATP. b, The distribution

of lifetimes of the loader on DNA during clamp unloading. c, The distribution of lag times

between the arrival of the loader and the release of the clamp. d, Representative trace showing

the unloading of a pre-loaded clamp in the absence of ATP. e, The distribution of lifetimes of

the loader on DNA. f, The distribution of lag times between the arrival of the loader and the

release of the clamp. All lifetimes and lag times are represented as mean ± s.e.m.

stably, which agrees with previous studies showing that Pol IIIα is a poor enzyme in isolation25 6

and reporting a low affinity for Pol IIIcore DNA binding7.

The collisions nature of Pol IIIcore DNA binding is in contrast to another E. coli DNA
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polymerase, Pol I, which is involved in Okazaki fragment maturation (Fig. 3.7a, c). The Klenow

fragment results from proteolysis of Pol I and consists of the polymerase and 3’-5’ exonuclease

domains while the full Klenow fragment contains an additional 5’-3’ exonuclease domain2 18.

We measured a lifetime of 42.2 ± 1.8 s for the Pol I Klenow fragment on DNA (Fig. 3.7d) which

is in agreement with previous studies reporting a high affinity for its binding to DNA19 22 4.

Figure 3.7. Pol IIIcore and Pol I binding to DNA. a, Representative trace showing short-lived

Pol IIIcore binding events on DNA. b, The distribution of lifetimes for Pol IIIcore on DNA. c,

Representative trace showing Pol I binding to DNA. d, The distribution of lifetimes for Pol I on

DNA. All lifetimes are represented as mean ± s.e.m.

The behavior of Pol IIIcore on DNA changes dramatically when it binds to a clamp loaded

onto DNA. Pol IIIcore associates with the clamp shortly after the release of the loader (Fig. 3.8a)

and binds to the clamp-DNA for 15.7 ± 1.1 s (Fig. 3.8b). Pol IIIcore contains two β binding

sequences: one located in the polymerase subunit α (QADMF, residues 920-924) and the other

in the exonuclease subunit ε (QTSMAF, residues 182–187). The β binding sequence in the α

subunit is absolutely required for clamp binding5, while the sequence in the ε subunit stabilizes

the Pol IIIcore complex on the clamp and has been shown to stimulate processive DNA synthesis

and exonuclease activity28 14. In order to show that the Pol IIIcore binding events we see are

occurring on the clamp, and that the β binding motif in the ε subunit indeed contributes to the

lifetime of Pol IIIcore on the clamp, we measured the lifetime of Pol IIIcore on clamp-DNA

using two variants of the ε subunit. As shown in Fig. 3.8c and d, the lifetime of Pol IIIcore on

clamp-DNA increases when the β binding sequence in the ε subunit is enhanced (QTSMAF to

QTSLPL)28 and decreases when the sequence is weakened (QTSMAF to QTSAAA)7.
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To show how the hand-over from the clamp loader to Pol IIIcore occurs in the presence of

the τ clamp loader complex, we pre-assembled the τ clamp loader complex (τ 3δ1δ’1) with Pol

IIIcore. Here, we see that the clamp, loader and Pol IIIcore bind to the DNA together (Fig.

3.8e). Different to the γ clamp loader complex, the τ clamp loader complex does not dissociate

immediately once clamp loading has occurred. Instead, it remains bound for 14.8 ± 0.9 s and

leaves together with Pol IIIcore (Fig. 3.8f). The presence of the τ clamp loader complex does

not affect the lifetime of of the Pol IIIcore on the DNA substrate (3.8b and f).

Figure 3.8. Polymerase loading onto clamp-DNA. a, Representative trace showing the bind-

ing of Pol IIIcore to clamp-DNA shortly after the release of the γ clamp loader. b, The distribu-

tion of lifetimes for Pol IIIcore on clamp-DNA. c, The lifetime of Pol IIIcore with an improved

and d, weakened β binding motif in the ε subunit. e, Representative trace showing the simulta-

neous arrival of the clamp, loader and Pol IIIcore when using the τ clamp loader complex that

was pre-assembled with Pol IIIcore. f, The distribution of lifetimes for the τ clamp loader-Pol

IIIcore complex on clamp-DNA. All lifetimes and lag times are represented as mean ± s.e.m.
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3.3.5 Polymerase idling and extension

The 15.7 ± 1.1 s lifetime of the stationary Pol IIIcore on clamp (Fig. 3.8b) seems short com-

pared to the high processivity of the replisome during DNA synthesis (100 Kbp per binding

event)30 27. Therefore, we tested the effect of nucleotides on the lifetime of Pol IIIcore on DNA.

Given that the DNA substrate we used for the CoSMoS experiments has a short 6-nucleotide

single-stranded overhang, we used only two of the four nucleotides (dATP and dTTP, 0.5 mM

each) in the experiments. This is to prevent Pol IIIcore from dissociating at the end of the DNA

substrate upon completing extension of the primer strand. The omission of two nucleotides is

often used in DNA replication assays to induce ’polymerase idling’, where the polymerase is

held at the primer terminus due to the opposing polymerase and exonuclease activities10. Sur-

prisingly, our results show that addition of dATP and dTTP has little effect on the lifetime of

Pol IIIcore on clamp-DNA (Fig. 3.8b, Fig. 3.9a).

Given the limited length of our DNA substrates, experiments following the extension of the

Pol IIIcore on clamp-DNA were carried out in collaboration with Dr. Iddo Heller at the Free

University (VU), Amsterdam using a laser tweezers setup29. Our preliminary data using a 8.4

kb pkyb1 DNA show that Pol IIIcore synthesizes DNA in short bursts (Fig. 3.9b) which is in

agreement with previous observations that an actively synthesizing Pol IIIcore on a 48.5 kb λ

DNA has a lifetime of ∼ 10 s14. Therefore, the presence of nucleotides do not significantly

affect the lifetime of Pol IIIcore on clamp-DNA.

3.4 Discussion

Our CoSMoS setup has allowed us to label multiple components in the replisome and visualize

them directly at a single-molecule level. Our results show that DNA replication entails a highly

ordered sequence of events from clamp loading to polymerase loading to clamp unloading with

sequential handover of DNA from one factor to the next.

We show that the clamp loading and unloading are not forward and backward reactions of

the same mechanism but rather, they are different processes with distinct organization. Uncou-

pling clamp loading from unloading may be important to prevent futile cycles of clamp loading

and unloading which would be energetically costly for the cell. The uncoupling between clamp

loading and unloading may also reflect the fact that loading needs to occur at the same time as

the synthesis of DNA, whereas unloading is a post-replication process that cleans up the DNA

by removing the remaining clamps.
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Figure 3.9. The effect of nucleotides on polymerase lifetime on clamp-DNA. a, The distribu-

tion of lifetimes for Pol IIIcore on clamp-DNA in the presence of dATP and dTTP represented

as mean ± s.e.m. b, Representative trace showing segmented Pol IIIcore activity during active

DNA synthesis on a 8.4 kb pkyb1 DNA.

Figure 3.10. The τ clamp loader complex bridges the β clamp and Pol IIIcore. Cartoon

representation of the switching of places between the τ clamp loader complex and Pol IIIcore

on clamp-DNA.

Furthermore, our results show that the ∼ 10 s lifetime of Pol IIIcore on DNA is an intrinsic
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property of the enzyme that is independent of whether it is stationary, idling or actively syn-

thesizing DNA. However, during cellular replication Pol IIIcore is tethered to the replisome

through the clamp loader protein τ . Our results show that the τ clamp loader complex mediates

the immediate binding of the polymerase upon clamp loading by bridging the clamp and the

polymerase. The τ clamp loader complex remains tethered to Pol IIIcore after the clamp has

been loaded, which may represent the switching of places from the τ clamp loader complex to

Pol IIIcore on the clamp-DNA (Fig. 3.10).

During the simultaneous synthesis of the leading and lagging strands, the polymerases on

the two strands are linked together by the τ clamp loader complex. This prevents the polymerase

from diffusing away and enables it to resume DNA synthesis upon dissociation from the DNA,

which may explain the higher processivity measured for the replisome compared to the activity

bursts of a single Pol IIIcore30 26. Having Pol IIIcore tethered to the replisome but not stably

bound to DNA allows it to synthesize DNA with great processivity while maintaining the ability

to exchange with other factors that have diverse roles on DNA (see Chapter 4).
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Chapter 4

Studying E.coli translesion synthesis by

CoSMoS

4.1 Introduction

The mechanism of exchange between the replicative and translesion DNA polymerases has

been dominated by the toolbelt model since its proposal in 200510. In this study, bulk primer

extension assays were used to show that Pol IV can replace a stalled Pol III on the β clamp,

and Pol III can regain the primer-template from Pol IV. In addition, a FRET donor and acceptor

was placed on Pol IV and Pol IIIα respectively and a FRET signal was only observed in the

presence of clamp. Taken together, it was proposed that during replication, a replicative and a

translesion DNA polymerase can each bind to one binding pocket on the clamp (the clamp is

a dimer, with one hydrophobic binding pockets on each monomer, see Chapter 1). When the

replicative polymerase is stalled at a lesion it temporarily switches place with the translesion

polymerase, and once the lesion has been bypassed the replicative polymerase regains control

of replication. Since this study, other studies have also shown that Pol IV7 and Pol II9 are able

to replace an actively synthesizing Pol III replisome in bulk primer extension assays. Although

the toolbelt model is very attractive, thus far there has not been any definitive proof for it. A

caveat in the studies above supporting the toolbelt model is that they all use bulk methods to

study the exchange between Pol II/IV and Pol IIIα. The averaging over many asynchronous

events in a bulk experiment can only show that the translesion and replicative polymerases are

capable of switching, but not the exact molecular mechanism of how the switching is achieved.

More recently, the exchange between Pol IIIα and Pol IV/Pol II has also been studied at the

single-molecule level15 14. These studies show that Pol III, Pol IV and Pol II synthesize DNA at
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different rates and use the change in the rate of DNA synthesis to infer the switching between

the polymerases. However, given that the exchange between the polymerases is measured in-

directly through the rate of DNA synthesis, it cannot be determined whether the polymerases

bind simultaneously.

Recent studies have also revealed that during replication, the binding pockets on the clamp

are occupied by Pol IIIα and ε17 13. The cryo-EM structure of the trimeric Pol IIIα-exonuclease-

clamp complex shows that Pol IIIcore occupies the entire surface of the clamp and would there-

fore occlude the binding of a translesion DNA polymerase to the clamp during normal DNA

synthesis5. However, a crystal structure of the Pol IV little finger domain on the clamp suggests

that Pol IV can make secondary interactions with the rim of the clamp in addition to binding to

the canonical binding site on the clamp1. It was proposed that this secondary interface keeps

Pol IV in an inactive conformation by tethering it to the rim of the clamp and thereby regulates

the switching between the replicative and translesion polymerases.

In summary, it remains controversial whether a replicative and translesion DNA polymerase

can bind to the clamp simultaneously. This question can be uniquely addressed by CoS-

MoS, which allows the direct visualization of the replicative and translesion DNA polymerases.

Therefore, this chapter aims to study the exchange between the different DNA polymerases in

E.coli.

4.2 Materials and Methods

The cloning, expression, purification and labeling of many of the proteins used in this chapter

are presented in Section 3.2 of Chapter 3. The preparation of proteins specifically used in this

chapter are described below.

4.2.1 Cloning of protein expression vectors

Genes for Pol II (polB) and Pol IV (dinB) were cloned into pET11 vectors with the Ybbr se-

quence DSLEFIASKLA18 added to the protein N-terminally. The β clamp binding mutants of

Pol IV and Pol II were generated though site directed mutagenesis: residues 346-351 were mu-

tated from QLVLGL to QLVAGA for Pol IV β groove mutant, residues 303-305 were mutated

from VWP to AGA for Pol IV β rim mutant, and residues residues 779-783 were mutated from

QLGLF to QLGAA for Pol II β groove mutant.

The gene for ε (dnaQ) was cloned into a pET28a vector with the Ybbr sequence DSLEFI-
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ASKLA18 added to the protein N-terminally.

4.2.2 Protein expression and purification

All columns were purchased from GE Healthcare. Unless otherwise specified, protein purifi-

cations were performed with the following gradients using the columns stated: nickel affinity

using Histrap HP (25-500 mM Imidazole gradient in the presence of 500 mM NaCl), ion ex-

change using Hitrap Q HP for anion exchange and Hitrap SP HP for cation exchange (0-1 M

NaCl gradient), Hitrap Phenyl HP for hydrophobic interaction chromatography (2-0 M ammo-

nium sulfate gradient) and a 120 ml Superdex 200 column for gel filtration (150 mM NaCl).

Pol II-Nybbr and Pol II (β groove)-Nybbr were expressed in E. coli BL21 (DE3) Gold cells

for 3 hours at 30 ◦C. The proteins were purified in 20 mM Tris pH 8.0, 0.5 mM EDTA and 2

mM DTT by anion exchange, phenyl hydrophobic chromatography, cation exchange and gel

filtration.

Pol IV-Nybbr, Pol IV (β groove)-Nybbr and Pol IV (β rim)-Nybbr were expressed in E. coli

BL21 (DE3) pLysS cells for 3 hours at 30 ◦C. The proteins were purified in 20 mM Hepes pH

7.5 and 2 mM DTT by cation exchange, phenyl hydrophobic chromatography and gel filtration.

ε-Nybbr was expressed in E. coli BL21 (DE3) Gold cells for 2.5 hours at 30 ◦C, and purified

in 25 mM Hepes pH 8.2 and 2 mM DTT by nickel affinity under denaturing conditions (in the

presence of 6 M Urea), followed by refolding overnight at 4 ◦C in 25 mM Hepes pH 8.2 and 10

mM DTT, and anion exchange.

4.2.3 Protein labeling

All gel filtration experiments in this section were carried out using a 2.4 ml Superdex 75 column

(GE Healthcare), with the exception for Pol II, which is larger in size (90 kDa) and therefore was

run a 2.4 ml Superdex 200 Increase column (GE Healthcare). The columns were equilibrated

in 20 mM Tris-HCl pH 7.5, 50 mM potassium glutamate and 2 mM DTT.

Pol II was labeled at a single site in the N-terminus using the Sfp method18. Atto 647N

fluorophore was conjugated to Coenzyme A as described18 and Pol II was labeled in a reaction

containing 10 mM MgCl2, 50 mM Hepes 7.5, 10 mM DTT, 2 µM Sfp, 100 µM CoA-Atto 647N

and 50 µM protein and the reaction was incubated overnight at 4 ◦C. The labeled protein was

purified away from the free dye by gel filtration and the labeling efficiency was determined

spectrophotometrically using the protein and fluorophore absorption ratios, with the free fluo-

rophore absorption at 280 nm subtracted from the protein absorption at 280 nm. The labeling
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efficiency of Pol II was 66 %.

Pol IV was labeled at the N-terminus using the Sfp method18. The labeling reaction was

identical to that used to label Pol II except using CoA-Atto 565. The protein was labeled for 2

hours at 4 ◦C and the labeled protein was purified by gel filtration. The labeling efficiency for

Pol IV was determined spectrophotometrically to be 62 %.

ε was labeled at the N-terminus using the Sfp method18. The protein was labeled for 2 hours

at 4 ◦C using CoA-Atto 565 and the labeled protein was purified by gel filtration. The labeling

efficiency was determined spectrophotometrically to be 78 %. The labeling efficiency for ε

was verified at the single-molecule level by measuring the co-localization frequencies between

labeled Pol IIIα (see Chapter 3) and labeled ε on clamp-DNA. Since the two proteins are known

to form a tight complex, each co-localization event was scored as having labeled Pol IIIα only,

labeled ε only, or both labeled proteins. Measuring the labeled efficiency this way showed 71

% labeling for ε, which is similar to the efficiency measured by absorption.

4.2.4 φX174 primer extension assays

Activity of the labeled proteins was tested using a single-stranded φX174 phage DNA (New

England Biolabs) annealed to a primer with a 5’ label (5’FAM-ACCAACATAAACATTATT-

GCCCGGCGTACpG, where lowercase ’p’ indicates a non-cleavable phosphothioate bond).

Reactions were performed in 20 mM Tris pH 7.5, 2 mM DTT, 50 mM potassium glutamate,

8 mM magnesium acetate, and 0.05 mg/ml BSA. Each reaction contained 5 nM primed φX174

phage DNA, 50 nM β clamp, 10 nM γ clamp loader complex (γ3δ1δ’1), and 30 nM Pol II or

Pol IV. Reactions were stopped at 0, 0.5, 1, 2 and 5 minutes using a stop buffer containing

75 mM EDTA and 0.6 % (w/v) SDS, and were separated on an alkaline agarose gel (0.8 %

agarose, 30 mM NaOH, 2 mM EDTA) for 15 hours at 14 V. Gels were scanned at 488 nM using

a Amersham Typhoon (GE LifeSciences).

Results of the φX174 primer extension assays are presented in Section 2.3.4 of Chapter 2.

4.2.5 DNA substrate

The matched DNA substrate was prepared as described in section 3.2 of Chapter 3. The mis-

matched (C:T) substrate was constructed using the same streptavidin bound, Atto 488 labeled

template DNA annealed to a 25-nt primer with the sequence 5’ Biotin-GGATTTGGATGAAGG-

TGAAGCATGpT 3’ (IDT), where lowercase ’p’ indicates the non-cleavable phosphothioate

bond. The lesion substrate was constructed using a furfuryl-modified template with the se-
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quence 5’ Biotin-CATAA[N2-furfuryl-dG]ATCCATGCTTCACC[amino-dT]TCATCCAAAT-CC

3’ (Eurogentec), which was bound to monovalent streptavidin through the 5’ biotin moiety and

labeled at the internal amino-dT modification using NHS-ester activated Atto 488 fluorophore

as described for the non-lesion-containing template in Chapter 3. The primer used for the lesion

substrate is the same as that used for the matched DNA substrate. The matched, mismatched

and lesion DNA substrates are illustrated in (Fig. 4.1).

Figure 4.1. DNA substrates used in this Thesis. Nucleotide sequences of the matched, mis-

matched and lesion DNA substrates.

4.2.6 TIRF microscopy

Details of the TIRF microscope setup can be found in section 3.2 of Chapter 3. For the Pol III

and Pol II/Pol IV co-localization experiments, the reaction contained 15 nM β clamp; 15 nM γ

complex; 30 nM or 150 nM Pol IIIcore; 6 nM, 30 nM or 150 nM Pol IV; 30 nM Pol II and 0.5

mM ATP. Experiments in the presence of nucleotides were conducted with 0.5 mM of each of

dATP and dTTP. The γ complex was unlabeled since we are limited to three laser channels per

experiment.

4.3 Results

4.3.1 Protein labeling

In order to able to quantify the number of interacting molecules in an experiment, we aimed to

label the proteins at a single site.

Pol II contains 7 cysteines and thus it would require multiple rounds of mutagenesis to obtain

a protein construct for single site labeling using maleimide activated fluorophores. Therefore,
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we chose the Sfp method for its labeling. Three different labeling conditions were tested, with

1 hour at room temperature yielding 46 %, and 2 hours at room temperature yielding 51 %

labeling efficiency. Since the efficiency increased with the duration of labeling, the final labeling

condition was chosen to be overnight at 4 ◦C, which yielded 66 % labeling efficiency. The

labeling reaction was run on gel filtration to separate the labeled protein (at retention volume

1.2 ml) from free dye (at retention volume 2.3 ml) (Fig. 4.2a), and to assess for correct protein

folding, shown by the same retention volume of the labeled protein compared to the protein

prior to labeling.

Pol IV contains 6 cysteines and therefore the Ybbr method was the most straightforward

way to achieve single site labeling. Reaction with CoA-Atto 565 at 4 ◦C for 2 hours yielded 62

% labeling while further overnight incubation at 4 ◦C resulted in the loss of the protein peak,

suggesting that the protein is unstable when labeled for prolonged time. The 2-hour labeling

reaction was analyzed by gel filtration, which separated the labeled protein (at retention volume

1.3 ml) from free dye (at retention volume 1.8 ml) (Fig. 4.2b). The gel filtration analysis was

also used to assess for correct folding of the labeled protein, as shown by the same retention

volume of the protein before and after labeling.

The exonuclease ε contains 3 cysteines and was labeled on the Ybbr tag as this construct

was readily available in the lab. Labeling with CoA-Atto 565 at 4 ◦C for 1 hour yielded 42 %

labeling and 2 hours yielded 78 % labeling. The 2-hour labeling reaction was injected onto a

gel filtration column to separate the labeled protein (at retention volume 1.25 ml) from the free

dye (at retention volume 1.8 ml) and to assess for correct protein folding (Fig. 4.2c).

4.3.2 Pol IV and Pol IIIcore exchange

To study whether Pol IIIcore and Pol IV can co-localize on the clamp, we followed the binding

of Pol IIIcore and Pol IV to clamp-DNA. To do this, we loaded the β clamp onto DNA using

the γ clamp loader complex and imaged the polymerases and the clamp over time.

At equimolar concentrations of the two polymerases (30 nM each), we observed a major-

ity of events (92 % of 77 events) in which Pol IIIcore and Pol IV alternate binding to the

clamp-DNA. 70 % of these events represents the switching from Pol IIIcore to Pol IV and 22

% represents the switching from Pol IV to Pol IIIcore (Fig. 4.3a). In some events, multiple

switches between Pol IIIcore and Pol IV were seen (Fig. 4.3b). Likewise to the lifetime of

Pol IIIcore on clamp-DNA shown in Chapter 3, the exchange between the polymerases was not

affected by the addition of nucleotides. In the presence of 0.5 mM each of dATP and dTTP, the
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Figure 4.2. Labeling of Pol II, Pol IV and exonuclease ε. a, Gel filtration run of the Pol II b,

Pol IV and c, exonuclease ε labeling reactions.

switch from Pol IIIcore to Pol IV accounts for 72 % of events and the switch from Pol IV to Pol

IIIcore accounts for 21 % of the events.

In the Pol IIIcore to Pol IV polymerase switching events, there is a lag time between the

release of Pol IIIcore and the arrival of Pol IV (Fig. 4.3b). This lag time decreases when

the concentration of Pol IV in the experiments is increased (Fig. 4.4a-d), showing that the

binding of the proteins to clamp-DNA is concentration-dependent. However, at all protein

concentrations tested, the lifetime of Pol IIIcore on clamp-DNA remains unaltered at ∼ 16

seconds (Fig. 4.4e-h). This shows that Pol IV binding does not cause Pol IIIcore release, and

therefore the two polymerases bind to the clamp-DNA independently.

In addition to the alternating binding between the polymerases that represents the majority

of the events, we observed a small number of co-localization events between Pol IIIcore and

Pol IV. When Pol IIIcore and Pol IV are present at equimolar concentrations (30 nM each), the

co-localization between the two polymerases accounts for 9 % of the events (Fig. 4.3a). The

co-localization events become more frequent at higher protein concentrations (Table 2).

Closer inspection of the co-localization events between Pol IIIcore and Pol IV shows that the

two polymerases arrive and leave independent of one another and only co-localize on passing
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Figure 4.3. Exchange between Pol IV and Pol IIIcore on clamp-DNA. a, Cartoon represen-

tation of the frequency of each event type: Pol IIIcore to Pol IV switch (top), Pol IV to Pol

IIIcore switch (middle) and Pol IIIcore-Pol IV co-localization (bottom). b, Representative trace

showing alternating binding of Pol IIIcore and Pol IV on clamp-DNA.

(Fig. 4.5a). This is clearly different to the co-localization between Pol IIIα and ε, which are

known to form a stable complex on the β clamp17 13. In an experiment using labeled Pol IIIα

and labeled ε, we show that they arrive and depart from the clamp-DNA simultaneously (Fig.

4.5b). In addition, the co-localization time between Pol IIIcore and Pol IV is shorter than that

between Pol IIIα and ε: 8.2 ± 0.6 s for Pol IIIcore and Pol IV co-localization compared to 15.8

± 0.9 s for Pol IIIα and ε co-localization (Fig. 4.5c-d).

Taken together, our data shows that Pol IIIcore and Pol IV do not form a stable complex on

clamp-DNA but that the two polymerases compete for binding to the β clamp in a concentration-

dependent manner. This competition is strongly favoured towards Pol IIIcore in the presence of

the τ clamp loader complex (Table 2). As shown in Chapter 3, the τ clamp loader is tethered

to Pol IIIcore and immediately places it on the clamp upon clamp loading. Consequently, the

exchange between Pol IIIcore and Pol IV at equimolar concentrations is dominated by Pol

IIIcore to Pol IV switches (Table 2).
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Figure 4.4. The lag time and the lifetime of Pol IIIcore during Pol IIIcore and Pol IV

polymerase exchange at different protein concentrations. a-d, The lag time between Pol

IIIcore release and Pol IV binding on clamp-DNA at increasing protein concentrations. e-h,

The lifetime of Pol IIIcore on clamp-DNA at all four protein concentrations. All lifetimes are

represented as mean ± s.e.m.

4.3.3 Pol II and Pol IIIcore exchange

Next, we studied the exchange between Pol II and Pol IIIcore on clamp-DNA using the same

experimental setup as for Pol IV and Pol IIIcore. At equimolar concentrations of the two poly-

merases (30 nM), Pol II competes with Pol IIIcore for binding to clamp-DNA, with some events

showing multiple polymerase exchanges (Fig. 4.6). However, no co-localization events were

observed between Pol II and Pol IIIcore. This may be explained by the larger size of Pol II com-

pared to Pol IV (90 kDa versus 40 kDa), which may prevent it from simultaneously binding to

the clamp with Pol IIIcore.
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Figure 4.5. Co-localization between Pol IIIcore and Pol IV, and between Pol IIIα and ε. a,

Representative trace showing the independent arrival and release of Pol IIIcore and Pol IV in

the co-localization events. b, Representative trace showing the simultaneous arrival and release

of Pol IIIα and ε during binding to clamp-DNA. c, Lifetime of the co-localization between Pol

IIIcore and Pol IV. c, Lifetime of the co-localization between Pol IIIα and ε. All lifetimes are

represented as mean ± s.e.m.

Figure 4.6. Exchange between Pol II and Pol IIIcore on clamp-DNA. Representative trace

showing the alternating binding of Pol II and Pol IIIcore on clamp-DNA.

4.3.4 Polymerases compete for binding to the hydrophobic groove on the

β clamp

To further investigate the competition between the polymerases on the β clamp, we created a

number of polymerase mutants. Most of the clamp interacting proteins, including Pol IIIcore,

Pol IV and Pol II, bind to a hydrophobic groove on the surface of the β clamp using the canonical

sequence Qxx(L/M)xF2. The β clamp has two binding grooves due to its dimeric nature, and
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as explained in Chapter 3, Pol IIIcore binds to both binding grooves, one via the β binding

sequence in Pol IIIα and another via the β binding sequence in ε. Given that the sequence

present in Pol IIIα has been shown to be crucial for clamp binding4, the sequence in ε was

mutated to enhance or weaken binding to the clamp in order to show that it also contributes to

Pol IIIcore binding to the clamp. As presented in Section 3.3.4 of Chapter 3, the lifetime of Pol

IIIcore is increased for the ε(β+) mutant and decreased for the ε(β-), showing that Pol IIIcore

binds to both hydrophobic grooves on the clamp.

Figure 4.7. Lifetime of Pol IV and Pol II β binding mutants on clamp-DNA. a Lifetime of

Pol IV wild-type, b β groove mutant, and c β rim mutant on clamp-DNA. d Lifetime of Pol II

wild-type and b β groove mutant on clamp-DNA. All values represent mean lifetime ± s.e.m.

Two β clamp interacting motifs have been described for Pol IV: one is the canonical groove

binding QLVLGL motif (residues 346-351), and the other is a rim binding sequence (VWP,

residues 301-304) that interacts with the side of the clamp1 8. Previous studies have shown

that mutating the groove binding motif in Pol IV inhibits clamp-dependent DNA synthesis,

while mutating the rim contacts results in the loss of polymerase switching8. Our experiments

measuring the lifetime of the Pol IV mutants on the clamp-DNA showed that mutating the

groove binding sequence (QLVLGL to QLVAGA, residues 346-351) resulted in a significant

reduction in the lifetime of binding (Fig. 4.7a-b). In contrast, mutation of the rim binding

sequence (VWP to AGA, residues 303-305) had little effect on the lifetime of Pol IIIcore on

clamp-DNA (Fig. 4.7a, c). The importance of Pol IV binding to the hydrophobic groove is

further demonstrated by the loss of co-localization between Pol IIIcore and the Pol IV on clamp-
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DNA for the β groove mutant, even at elevated concentrations of Pol IV, while the Pol IV β rim

mutant shows little effect (Table 3).

Furthermore, mutating the β groove binding sequence in Pol II (QLGLF to QLGAA, residues

779-783) resulted in a decreased binding lifetime on the clamp (Fig. 4.7d-e).

The results therefore show that all three polymerases compete for binding to the same hy-

drophobic groove on the β clamp, and that the isolated polymerases compete with similar life-

times (∼ 10 seconds) on the clamp-DNA.

4.3.5 Pol IV recruitment

The lack of organization between Pol IIIcore and Pol IV raises the question of how Pol IV is

recruited to a site of lesion. We wondered whether Pol IIIcore is released faster from DNA

containing a lesion and therefore measured the lifetime of Pol IIIcore on the clamp on a DNA

substrate containing N2-furfuryl-dG, a chemically modified guanine (Fig. 4.8a, b). This lesion

was picked because it has previously been used to study translesion synthesis by Pol IV12, and

we confirmed that this substrate forms an effective block to Pol IIIcore but is bypassed by Pol

IV using primer extension assays (Fig. 4.8c).

To our surprise, the lifetime of Pol IIIcore on clamp-DNA is not affected by the presence of

the lesion: we measured 15.7 ± 1.1 s on the matched DNA substrate (Fig. 4.9a, also shown in

Chapter 3) and 17.6 ± 2.1 s on the furfuryl DNA substrate (Fig. 4.9b). Furthermore, we tested

the lifetime of Pol IIIcore on a mismatched DNA substrate and also did not observe a significant

change in Pol IIIcore lifetime (19.0 ± 1.4 s, Fig. 4.9c) which confirms that Pol IIIcore does not
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Figure 4.8. N2-furfuryl-dG lesion DNA substrate. a, Chemical structure of N2-furfuryl-

guanine and b, guanine. c, Extension assays with the furfuryl lesion (red cross) and matched

DNA substrates.

detect the differences between the DNA substrates.

In Chapter 3, we showed that addition of the two nucleotides dATP and dTTP (0.5 mM

each) did not affect the lifetime of Pol IIIcore on the clamp on matched DNA, which is also

shown in Fig. 4.9d. Similarly, the addition of dATP and dTTP does not significantly change the

lifetime of Pol IIIcore on the clamp on the lesion and mismatched DNA substrates (Fig. 4.9e,

f). The results therefore show that nucleotides do not facilitate the recognition of lesions or

mismatches by Pol IIIcore.

Finally, also the exchange between Pol IIIcore and Pol IV is similar on the matched, mis-

matched and lesion DNA substrates in the absence of nucleotides, showing 13-18 % co-localization

(Table 4).

Hence, Pol IIIcore dissociation is unaffected by the presence of the DNA lesion or mismatch,

and Pol IV is not specifically recruited as a result of lesion recognition. Instead, Pol IV competes

for binding when Pol IIIcore is released from DNA in a concentration-dependent manner.

4.4 Discussion

We have for the first time directly visualized the factors involved in E.coli translesion DNA syn-

thesis and shown that in contrast to the highly organized sequence of events seen for DNA repli-
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Figure 4.9. Pol IIIcore lifetimes on the clamp on the matched, lesion and mismatched

DNA. a, Pol IIIcore lifetime on the matched, b, lesion and c, mismatched DNA in the absence

of nucleotides. d Pol IIIcore lifetime on the clamp on the matched e, lesion and f, mismatched

DNA in the presence of dATP and dTTP (0.5 mM each).

cation (clamp loading, unloading and polymerase loading in Chapter 03), the switching between

the replicative and the translesion polymerases occurs by concentration-dependent competition

and shows little organization.

The ability of the translesion polymerases to compete with the replicative polymerase when-

ever it dissociates (even on a matched substrate) poses a need for the access of the error-prone

translesion polymerases to be regulated. This may be achieved by multiple mechanisms: firstly,

during normal DNA synthesis, once Pol IIIcore dissociates it remains tethered to the replisome

through binding to the clamp loader protein τ . By simultaneously binding to two or three

copies of Pol IIIcore3 16, the clamp loader increases the effective concentration of Pol IIIcore

at the replication fork, making it unlikely for the translesion polymerases to interchange with

Pol IIIcore. Only when Pol IIIcore is unable to bypass the lesion, and therefore stalls or dis-
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sociates, do the translesion polymerases have a chance to gain access to the clamp. Secondly,

the levels of translesion polymerases in the cell under normal circumstances is low and is up-

regulated during the SOS response6. Our observation that the translesion polymerases compete

with the Pol IIIcore in a concentration-dependent manner is consistent with this: when lesions

are abundant and the cell is under stress, more translesion polymerases are expressed in order

to shift the equilibrium of the polymerase competition in favor of the translesion polymerases.

The observation of increased co-localization between Pol IIIcore and Pol IV at higher protein

concentrations suggests that Pol IV may also be able to frequently access the clamp-DNA dur-

ing the SOS response. Furthermore, it has been proposed that the RecA protein may favor the

translesion polymerases by inhibiting the Pol IIIcore replisome and activating the translesion

replisomes, albeit by an unknown mechanism11.

The lack of coordination between Pol IIIcore, Pol IV and Pol II on the matched, mismatched

and lesion DNA substrates suggests that there is no specific selection for polymerases for le-

sion bypass. Instead, the process is entirely stochastic: whichever polymerase is recruited will

attempt to synthesize past the lesion and when it is unable to do so other polymerases will com-

pete for access to the DNA. Hence, the E. coli translesion polymerases are recruited for lesion

bypass on a trial and error basis.
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Chapter 5

A heterodimeric clamp for structural

analysis of E. coli translesion synthesis

5.1 Introduction

The background to E. coli translesion synthesis is discussed in Chapters 1 and 4. To better

understand the process of polymerase switching, it is necessary to study how the replicative

DNA polymerase Pol IIIcore and the translesion DNA polymerases Pol IV and Pol II bind to

the β clamp. Indeed, if Pol IIIα and Pol IV formed a stable toolbelt on DNA, it should be

possible to isolate the Pol IIIα-Pol IV-β clamp-DNA complex and study it structurally.

Two hydrophobic grooves on the β clamp serve as common binding sites for its interaction

partners (Fig. 5.1a) through their well-conserved β clamp binding motif (CBM) with the amino

acid sequence Qxx(L/M)xF2. Yet, there is no structure of a full translesion polymerase bound

to the β clamp to inform understanding of how the translesion polymerases interact with the

β clamp. Owing to the weak affinity of the Pol IV-β clamp interaction, previous efforts in the

lab to crystallize the complex consistently yielded crystals of the isolated β clamp (unpublished

data).

To study Pol II binding to the β clamp, the CMB on Pol II was mutated from the native

QLGLF to the consensus sequence QLDLF to improve the binding affinity to the β clamp, and

this complex was studied by cryo-EM (Dr Ana Toste Rego, unpublished data). A low resolution

3D map was obtained and clearly shows two polymerases bound to one β clamp (Fig. 5.1b) as

a result of the presence of two binding sites on the β clamp. As it can be seen from the 3D map,

the two Pol IIs seem to clash and therefore having two polymerases bound to one β clamp may

prevent the polymerase from accessing all the possible conformations on the β clamp.
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Figure 5.1. Interaction partners bind to a common hydrophobic cleft on the β clamp. a,

The overlaid structures of the β clamp binding motifs of Pol IV (yellow), Pol II (magenta) and

δ (gray) bound to the β clamp. b, Low resolution 3D map of Pol II improved β clamp binder

bound to the β clamp obtained by cryo-EM (Dr. Ana Toste Rego, unpublished data).

Therefore, in order to study the binding of a single translesion polymerase structurally,

the two polymerase binding sites need to be uncoupled. To do this, we aimed to create a

heterodimeric β clamp. A β clamp heterodimer was previous purified by Scouten Ponticelli

et al, who tagged the wild-type β clamp with His and Myc tags and separated the His/Myc

heterodimers by affinity purification10. However, when this experiment was repeated, it was

seen that the heterodimers re-equilibrated back into the respective homodimers over time (Dr

Ana Toste Rego, unpublished data). Therefore, to obtain a more stable β clamp heterodimer,

we mutated the β clamp dimer interface and looked for individual β clamp mutants that form

monomers on their own but can be complemented by another mutant to form stable heterodimers.

Given that the monomer mutants have low propensity to form homodimers, any re-equilibration

over time should be insignificant.

I screened for β clamp monomer mutants during Part III of my undergraduate study at the

University of Cambridge, and this Chapter is a continuation of the work. Therefore, in order to

provide background for this Chapter, the findings in my Part III thesis are briefly summarized

in Section 5.1.1.

5.1.1 Monomeric β clamp

Given that any mutation that breaks the β clamp dimer must be able to be complemented to form

a heterodimer, point mutations were created to minimize perturbations to the β clamp interface.

The β clamp mutants were individually purified and their oligomerization state was analyzed

by gel filtration. If a mutation prevented the dimerization of the β clamp, the monomers are ex-
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pected to have an increased retention volume on gel filtration compared to the wild-type dimeric

β clamp. Out of the 15 tested β clamp mutants, seven formed monomers. However, only two

monomer mutants, S104Q and E304N, complemented each other and formed a heterodimer

(Fig. 5.2a).

Figure 5.2. The two monomeric β clamp mutants S104Q and E304N form stable het-

erodimers. a, Gel filtration analysis of the β clamp mutants S104Q and E304N shows that they

form monomers in isolation, and a heterodimer when both are present. The wild-type β clamp

is included as a control for the dimeric species and the β I272A, L273A mutant4 is included as a

control for the monomeric species. b, Gel filtration analysis of S104Q, E304N, S104Q-E304N

and wild-type β clamp at various protein concentrations shows that both S104Q and E304N

form homodimers at high protein concentrations, but the S104Q-E304N is more stable. The

wild-type β clamp is dimeric throughout the concentration range.

Next, we tested the stability of the β clamp monomers by analyzing their retention volumes

at different protein concentrations by gel filtration chromatography (Fig. 5.2b). When the

monomer-dimer state (1/retention volume) is plotted against protein concentration, it is seen
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that the wild-type β clamp remains a stable dimer throughout the concentration range tested,

while the S104Q and E304N mutants only dimerize at higher protein concentrations. This

suggests that when the S104Q and E304N mutants are added together, there may be a mixture

of the mutant homodimers as well as the S104Q-E304N heterodimer. However, the gel filtration

analysis of the heterodimer suggests that it is more stable than the respective homodimers, as

it stays as a dimer at the lower protein concentrations where the homodimers are dissociating

(Fig. 5.2b). The loss of the 280 nm UV signal when the proteins are further diluted prevents

analysis at even lower protein concentrations, and therefore the Kd values for the monomer-

dimer equilibrium need to be determined using other methods.

5.1.2 Aims

There is some structural information to address whether the Pol IIIα-Pol IV-β clamp trimeric

complex can exist. It is known that in solution, Pol IIIα forms a tight complex with the ε and

θ subunits known as the Pol IIIcore6. Dr Rafael Fernandez-Leiro in our lab solved the cryo-

EM structure of Pol IIIcore on the β clamp and DNA3, which shows that the surface of the

β clamp is fully occupied by Pol IIIcore and therefore there is no space to accommodate Pol

IV. In addition, the characterization of Pol III, Pol IV and ε binding to the β clamp by size

exclusion chromatography shows that in the presence of the ε subunit, Pol IV is excluded from

the complex11.

Another line of thought stems from the crystal structure of the ’little finger’ (LF) domain of

Pol IV on the β clamp1 (see Chapter 1). This structure shows a substantial secondary interaction

interface between Pol IV LF domain and the side of the β clamp, in addition to binding to the

canonical hydrophobic pocket, which led to the proposal that these secondary interactions may

be important in maintaining Pol IV in an inactive orientation during polymerase exchange with

the replicative polymerase.

Given the disparity between the existing structural data, the use the β clamp heterodimer to

solve the structure of the full-length Pol IV or Pol II on the β clamp and DNA would be helpful

for understanding polymerase exchange at a structural level. Towards this goal, the S104Q-

E304N β clamp heterodimer is further characterized, with mutagenesis of the hydrophobic

binding pocket for abolishing polymerase binding on one β clamp monomer. This project was

done with the help of summer student Timothy Venkatesan.
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5.2 Materials and Methods

5.2.1 Protein expression and purification

The gene for the E. coli β dnaN was cloned into pET28a vectors with the heterodimer mutations

S104Q and E304N and the hydrophobic binding pocket mutations M362D, M362R and M362S

and M362del. The β proteins were expressed for two hours at 30 ◦C and purified in 20 mM

Hepes pH 7.5, 500 mM NaCl, 2 mM DTT and 25-500 mM Imidazole by nickel affinity chro-

matography using a Histrap HP column (GE Healthcare). The N-terminal His-tag was cleaved

overnight at 4 ◦C using the human rhinovirus 3C protease, and then the cleaved protein was pu-

rified by anion exchange in 20 mM Hepes pH 7.5, 2 mM DTT and 0-1 M NaCl using a Hitrap

Q HP column. In the final step, the proteins were purified by size exclusion chromatography in

20 mM Hepes pH 7.5, 150 mM NaCl and 2 mM DTT using a 120 ml Superdex S75 column.

All columns were purchased from GE Healthcare.

5.2.2 Analytical ultracentrifugation

For the analytical ultracentrifugation (AUC) experiments, β was labeled on a single surface-

exposed cysteine residue using a five fold molar excess of maleimide-Alexa488 fluorophore.

DTT was removed from the buffer (20 mM Hepes pH 7.5, 150 mM NaCl) by gel filtration

prior to the labeling reaction and after 5 hours at 4 ◦C, the reaction was quenched by running

it on a 2.4 ml Superdex 75 gel filtration column (GE Healthcare) in the presence of 2 mM

DTT. A ProteomeLab XL-I analytical ultracentrifugation (Beckman Coulter) with fluorescence

detection was used for velocity sedimentation experiments that were carried out at 45 000 rpm

at 20 ◦C. The program SEDFIT9 was used to fit the concentration gradients with sedimentation

coefficient distributions (c(s)) by Dr Stephen McLaughlin. The c(s) distributions were then

fitted to normal distributions and deconvoluted into monomeric and dimeric fractions. The area

under the individual peaks were integrated as estimates for the concentration of the monomeric

and dimeric species, which were used to determine the Kds. The shifting peak positions were

used to calculate the Kds where the c(s) distributions were concentration-dependent.

5.2.3 Cryo-electron microscopy

The S104Q-E304N β heterodimer was assembled from the respective mutants at a final con-

centration of 48 µM and purified in 25 mM Hepes pH 7.5, 50 mM potassium glutamate and 2

mM DTT on a 2.4 ml Superdex 75 gel filtration column (GE Healthcare). The peak fraction

115



was retrieved and 0.1 volume of 0.05 % (V/V) Tween 20 was added. The sample was incubated

for 5 min before pipetting onto a glow-discharged holey carbon cryo-EM grids (Quantifoil Cu

R1.2/1.3) and frozen in liquid ethane using a Vitrobot (FEI). Images were taken on the Polara

electron microscope (FEI) and the 2D classification was performed in the program Relion8 by

Dr Julian Conrad.

5.2.4 Differential scanning fluorimetry

The thermal stabilities of the β M362D, M362R and M362S and M362del proteins were mea-

sured using a Rotor-Gene 6000 real-time PCR machine (Corbett Research). Reactions con-

tained 6 µM protein with 1X Sypro Orange dye in 25 mM HEPES-KOH pH 7.5, 150 mM NaCl

and 2 mM DTT buffer. A reading was taken every 0.6 ◦C in the temperature range 30-85.2 ◦C.

5.2.5 Primer extension assays

The processivity of the β clamp mutants was tested in primer extension assays using a 5.4 kb

single-stranded φX174 DNA primed with a FAM-labeled 30-nt primer. The extension reactions

were performed at 25 ◦C at 10 nM final protein concentration (β clamp, γ complex, χ, ψ, Pol

IIIcore) and the reaction was stopped after 15 s, 30 s, 1 min, 2 min and 5 min using a stop buffer

containing 5 % Ficoll-400, 20 mM EDTA, 0.5 % SDS, and 0.5 mg/ml bromophenol blue. The

products of the extension assay were separated on a 0.8 % alkaline agarose gel containing 3 M

NaOH and imaged using a Typhoon imager.

5.3 Results

5.3.1 The β clamp monomer-dimer equilibrium

To study the monomer-dimer equilibrium and quantify the dimer affinities, the wild-type, S104Q,

E304N and S104Q-E304N β clamp were subjected to analytical ultracentrifugation with fluo-

rescence detection7 with the help of Dr Stephen McLaughlin. To do this, we labeled the proteins

using maleimide Alexa 488 dye. Curiously, we obtained close to 100 % labeling efficiency for

the wild-type β clamp and the E304N mutant, but we could only achieve 35 % labeling of

the S104Q mutant under the same reaction conditions. However, since only the fluorescently

labeled molecules will be detected, this difference in labeling efficiency should not matter.
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At a concentration of 1.8 µM wild-type β clamp, dimeric species were predominantly de-

tected in the velocity sedimentation experiments (Fig. 5.3). Titrating the concentration down to

0.8 µM did not affect this monomer-dimer equilibrium, and the Kd for the homo-dimerization

of the wild-type β clamp is approximated to be 5 nM.

Figure 5.3. The wild-type β clamp forms a highly stable homodimer. The sedimentation

coefficient distributions were obtained for the wild-type β clamp at 1.8 and 0.8 µM protein

concentration. The β clamp is mostly dimeric and has a Kd of ∼ 5 nM. M = monomer, D =

dimer.

In contrast, both mono- and dimeric species were detected for the β clamp mutants S104Q

and E304N (Fig. 5.4). This sedimentation behaviour was concentration-dependent, as a larger

proportion of dimers was observed when the protein concentration was increased from 1.8 µM

to 3.5 µM. The Kds for the homo-dimerization were approximately 3 µM for the S104Q mutant

and 1.5 µM for the E304N mutant. This result suggests that the E304N mutant has a higher

propensity to form dimeric β clamps compared to the S104Q mutant, which agrees with the

previously described gel filtration experiments (Fig. 5.2b).

The S104Q-E304N heterodimer was made by mixing the S104Q-Alexa 488 and E304Q-

Alex 488 proteins together at equimolar concentrations. When the S104Q-E304N heterodimer

was subjected to analytical ultracentrifugation, a significantly larger proportion of dimers was

observed at 3.5 µM protein concentration compared to the S104Q and E304N single mutants

(Fig. 5.4). Calculating the Kd gave 43 nM, which is almost two orders of magnitude lower

compared to the homodimerization of the single mutants. This shows that while the mutants

are capable of forming weak S104Q and E304N homodimers, the S104Q-E304N heterodimeric

species has a much higher affinity. Therefore, when the S104Q and E304N β clamp mutants

are added together, a much greater proportion of the dimeric β clamps formed will be in the

heterodimeric state. This result is in agreement with the results from the gel filtration titration

experiments (Fig. 5.2b).

117



Figure 5.4. The heterodimeric β clamp is more stable compared to the respective ho-

modimers. The sedimentation coefficient distributions were obtained for the β clamp mutants

S104Q and E304N at 3.5 and 1.8 µM protein concentration. A larger proportion of the dimeric

species is observed at the higher protein concentration for both mutants. The sedimentation co-

efficient distribution is obtained for the S104Q-E304N heterodimer at 3.5 µM protein concen-

tration, at which a predominant dimeric species is detected. The Kd for the β clamp heterodimer

is almost 100-fold lower than the respective homodimers.

5.3.2 Structural analysis of the heterodimeric β clamp

To ensure that the S104Q-E304N heterodimeric β clamp has retained the ring-shaped structure

of the wild-type β clamp, the heterodimer was subjected to cryo-electron microscopy with the

help of Dr Julian Conrad. This was to exclude the possibility that the monomers have associated

together in an alternative conformation, for example by stacking on top of each other. Individual

ring-shaped β clamp heterodimers can be seen in the micrographs (Fig. 5.5a) and the 2D class

averages show a ring shaped structure (Fig. 5.5b). While the 2D class averages are not sufficient

to give ultimate proof that the association between the monomeric β clamps is identical to the

wild-type, they show that the overall ring shape of the β clamp is conserved.

The 2D class averages from the cryo-EM was confirmed by small angle X-ray scattering

(SAXS) experiments performed by Dr Meindert Lamers that show that at 120 µM concentration,

the S104Q-E304N heterodimer has the same overall shape as the wild-type β clamp (Fig. 5.5c).
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At this concentration, the S104Q and E304N homodimers also have the same ring shape. These

results are in agreement with the gel filtration analysis that shows that the β clamp mutants

dimerize at 120 µM protein concentration (Fig. 5.2b). Taken together, the cryoEM 2D averages

and the SAXS data show that the β clamp interface mutants have not interfered with the overall

structure of the β clamp dimer ring.

Figure 5.5. The S104Q-E304N heterodimeric β clamp has the same overall ring-shaped

structure as the wild-type β clamp. a, A cryoEM micrograph showing individual heterodimer

particles. b, The 2D classifications from manually picked 125 particles. c, Small-angle X-ray

scattering data comparing the wild-type, S104Q, E304N and S104Q-E304N β clamps at 120

µM protein concentration to the predicted curve calculated from the wild-type β clamp crystal

structure5.
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5.3.3 Biochemical analysis of the heterodimeric β clamp

The S104Q-E304N β heterodimeric β clamp was tested in a primer extension assay for its pro-

cessivity, with the wild-type β clamp and the S104Q and E304N mutants included as controls.

The results show that the S104Q-E304N heterodimer is processive; however, it does not pro-

duce as abundant extended DNA products as the wild-type β clamp (Fig. 5.6). The S104Q

mutant almost completely abolishes extension but interestingly, the E304N mutant shows only

slightly reduced activity compared to the S104Q-E304N heterodimer. This can be explained

by the increased propensity of the E304N mutant to form homodimers compared to the S104Q

mutant as shown by gel filtration and AUC (Fig. 5.2b and Fig. 5.4).

When the primer extension assay was repeated using a serial dilution of the S104Q-E304N

heterodimer and the E304N mutant, we observed that the heterodimer still produces full-length

products at the lower protein concentrations but less than the wild-type β clamp. On the other

hand, the E304N homodimer appears to be not fully processive as shown by the lack of full-

length products (Fig. 5.7).

Figure 5.6. The S104Q-E304N heterodimeric β clamp is processive. Comparing the proces-

sivity of the wild-type β clamp to the S104Q-E304N heterodimer and the respective mutants in

a primer extension assay using a 5.4 kb ssDNA. The reactions were quenched after 15 s, 30 s, 1

min, 2 min, and 5 min using EDTA.

The decrease in processivity of the S104Q-E304N heterodimeric β clamp compared to the

wild-type β clamp suggests that disruption of the dimer interface has an effect on β clamp

function. This could either be due to decreased β clamp loading caused by a disruption in the

β clamp-loader interaction, or a disrupted β clamp-DNA interaction. Binding of Pol IIIα and

ε to the heterodimeric β clamp is not affected (data not shown). In addition, the presence of
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the mutant homodimeric β clamps, especially the S104Q homodimer which completely abol-

ishes β clamp processivity, may reduce the apparent processivity of the S104Q-E304N β clamp

heterodimer.

Figure 5.7. The E304N β clamp homodimer is not fully processive. Titration of the S104Q-

E304N heterodimeric and the E304N homodimeric β clamp in a primer extension assay shows

that the E304N homodimer does not form full-length products. WT = wild-type, HD = het-

erodimer, E = E304N mutant. The reactions were quenched after 1 min, 2.5 min and 5 min.

5.3.4 Abolishing polymerase binding to the β clamp

In order to create a single polymerase binding site on the heterodimeric clamp, we needed to

disrupt one of the canonical hydrophobic clefts. To do this, we mutated the methionine 362

residue in this canonical binding pocket to M362D, M362R and M362S. In addition, a deletion

of the β clamp C-terminal five residues starting from M362, termed M362del10, was included

as a control.

We incubated the β clamp M362 mutants with Pol IIIα and subjected the reaction to analysis

by gel filtration on a 2.4 ml Superdex 200 Increase column (GE Healthcare). We see that

the wild-type β clamp formed a complex with Pol IIIα (Fig. 5.8a and c) but this interaction

was disrupted in the M362D and M362R mutants (Fig. 5.8b-c). The M362S mutant did not

significantly disrupt Pol IIIα binding, which can be explained by the more subtle mutation

from methionine to a polar rather than a charged residue. The M362del mutant also abolished

complex formation (Fig. 5.8b-c).

Given that the exonuclease ε subunit enhances Pol IIIα binding to the β clamp, we wondered

whether ε could restore the reduced binding of Pol IIIα to the mutant β clamps. To do this, we
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Figure 5.8. The M362D, M362R and M362del β clamp binding pocket mutants do not

bind to Pol IIIα. a, Gel filtration analysis of the wild-type β clamp-Pol IIIα complex. b, Gel

filtration runs of the mutant β clamp-Pol IIIα complexes. c, Gel analysis of the complexes.

subjected the reactions containing the β clamp M362 mutants, Pol IIIα and ε to gel filtration

analysis. Consistent with the previous results with only Pol IIIα, the M362D, M362R and

M362del mutants prevented complex formation as seen by a shift in the retention volumes,

whereas the M362S did not have an effect (Fig. 5.9a-c). Closer inspection at the gel analyses

revealed that the M362D mutant was more disruptive to complex formation compared to the

M362R mutant (Fig. 5.9c).

The effect of the β clamp binding pocket mutations on processive DNA synthesis was tested

in primer extension assays. In agreement to the gel filtration analysis, the M362D and M362R

mutants were no longer processive, whereas the M362S mutant had no effect (Fig. 5.10).

Furthermore, we measured the thermal stability of these β clamp polymerase binding mu-

tants by differential scanning fluorimetry. The thermal stability of the M362D, M362R and

M362S mutants were comparable to the wild-type β clamp, within 2.6 ◦C difference in the

melting temperature (Fig. 5.11). However, we observed a significantly lower melting tempera-

ture for the M362del mutant, which had a melting temperature 8.7 ◦C lower than the wild-type.

Hence, we chose not to use M362del for future experiments.

5.4 Discussion

The structural and biochemical analyses of the S104Q-E304N heterodimeric β clamp consis-

tently show that the heterodimer forms a ring structure and is functional in processive DNA
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Figure 5.9. The M362D, M362R and M362del β clamp binding pocket mutants have re-

duced binding to Pol IIIα and ε. a, Gel filtration analysis of the wild-type β clamp-Pol IIIα-ε

complex. b, Gel filtration runs of the mutant β clamp-Pol IIIα-ε complexes. c, Gel analysis of

the complexes: gel for the M362del mutant is lacking.

Figure 5.10. The M362D, M362R and M362del β clamp binding pocket mutants are no

longer processive. Primer extension assay on a 5.4 kb ssDNA shows that the three mutations

made in the β clamp binding pocket abolished processivity. The reactions were quenched after

30 s, 1 min, 2.5 min and 5 min using EDTA.

synthesis, that is, it is able to be loaded onto DNA by the β clamp loader and binds to the poly-

merase. The S104Q-E304N heterodimer is preferentially formed over the respective S104Q

and E304N homodimers, but it is not as stable as the wild-type β clamp. Despite the slightly

reduced stability, the heterodimeric β clamp allows the two binding sites of the β clamp to be

independently manipulated, which is not possible using the wild-type β clamp.

One route of future work would be to improve the current S104Q-E304N heterodimer by
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Figure 5.11. The M362del β clamp binding pocket mutants is not thermally stable. Differ-

ential scanning fluorimetry experiments show that the melting temperature Tm of the M362del

mutant is significantly lower than the wild-type β clamp and the M362D, M362R and M362S

mutants.

screening for additional mutations at the heterodimer interface. For example, if there were

another pair of interface mutants that form monomers in isolation and can be complemented in

the heterodimer, combining one mutant with S104Q and the other with E304N may give a more

stable β clamp heterodimer that have reduced propensity to re-equilibrate into the respective

monomers.

Another route is to utilize the S104Q-E304N β clamp heterodimer for studying translesion

polymerase binding structurally. The low resolution cryo-EM map of the increased β binder

of Pol II on the wild-type β clamp shows two polymerases bound (Fig. 5.1b). The problem of

dual Pol II binding to the β clamp can be solved by using the β clamp heterodimer where the

binding site on one β clamp monomer is mutated away. Given that the E304N mutant has a

larger propensity to form homodimers, it is desirable to place the polymerase binding mutation

M362D together with the E304N mutation. This way, any E304N homodimers formed would

not bind to the polymerase and therefore any complex formed between a polymerase and a β

clamp should have a single Pol II bound. The same can be done for Pol IV, where the CBM

could be mutated to improve binding to the β clamp. However, Pol IV is much smaller with

a molecular weight of 39.5 kDa and therefore this complex is expected to be more difficult to

study by cryo-EM compared to Pol II, which has a molecular weight of 89.8 kDa. An additional

advantage of using cryo-EM for the study of the single polymerase-β clamp complexes is that

at the low (µM) protein concentrations used, any β clamps formed between the S104Q and

E304N mutants should be predominantly heterodimeric given that the mutant homodimers are

more prone to falling apart at low concentrations.
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Hence, our heterodimeric clamp will be a valuable tool for the determination of structures

of translesion polymerases bound to the β clamp.
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Chapter 6

Concluding remarks

Mechanisms in the cell that ensure the accurate replication of DNA and maintenance of its

correct information are crucial for the viability of the cell. However, mutations in DNA may

also give rise to variability and adaptibility that confer the selective advantages required by a

cell to survive. Therefore, cells rely on both the highly accurate and mutagenic events during

DNA replication.

This PhD thesis studied the machinery responsible for the high fidelity DNA copying mech-

anism in E. coli. Consistent with the requirement for high accuracy, the findings presented in

the previous chapters show that the factors in the replisome follow a highly controlled sequence

of events from the loading of the clamp, to the switching of binding from the clamp loader

to the replicative polymerase, to the unloading of the clamp by the clamp loader. The high fi-

delity of the replicative DNA polymerase, however, does not allow lesions on the template DNA

strand to be bypassed, and the rescue of a stalled replication fork is dependent on the inherently

mutagenic DNA polymerases known as the translesion polymerases.

Given the diversity of DNA lesions and only three translesion DNA polymerases in E. coli,

it is difficult to envision that the polymerases specifically recognize certain lesions and therefore

form lesion-polymerase pairs. Instead, the bypass of a lesion has been shown to be dependent

on the amount of polymerases available in the cell1. The findings presented in this thesis sup-

port this stochastic mechanism for lesion bypass. We show that the translesion polymerases

compete with the replicative polymerase for binding to the clamp on DNA in a concentration-

dependent manner. Furthermore, in contrary to the toolbelt model, we see that the translesion

and replicative DNA polymerases do not form a stable complex on the clamp-DNA.

Therefore, this work illustrates two distinct branches of copying DNA, where one branch

is ordered and achieves high accuracy, while the other branch operates in a stochastic manner,
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which allows it to overcome the burden imposed by the large diversity of DNA lesions. An

overview of these pathways is shown schematically in Fig. 6.1.

Figure 6.1. A model for DNA replication and translesion synthesis. The DNA replication

cycle consists of an organized sequence of events involving clamp loading, polymerase load-

ing, DNA synthesis, polymerase release and clamp unloading. In contrast, the events during

translesion DNA synthesis are not coordinated, but are instead governed by a direct competi-

tion between the replicative and the translesion DNA polymerases. DNA replication resumes

once the lesion has been bypassed by one of the translesion DNA polymerases.

The replisome consists of multiple other proteins that were not studied as part of this thesis,

but would be interesting areas for future work. As presented in Chapter 1, DNA replication

initiates at an origin of replication. Soon after, the DnaB helicase is loaded to promote the
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unwinding of DNA. Due to the physical interaction between the helicase and the DnaG primase,

the unwinding of DNA is coupled to primer synthesis. Only after these events will the clamp

loader complex catalyze the loading the clamp onto DNA, followed by the association of the

replicative DNA polymerase. Thus far, it has been suggested that the χ subunit of the clamp

loader binds to SSB and displaces the primase, which is also shown to bind to SSB, from

the newly synthesized primer. It would be of interest to study how the exchange between the

primase and clamp loader occurs.

In addition, a standing question involves the release of the polymerase at the end of the

Okazaki fragment during lagging strand synthesis. It would be of interest for future studies to

visualize whether the collision of the polymerase to the primer of the previous Okazaki fragment

causes its early release from DNA.

When the replicative DNA polymerase is stalled at a DNA lesion, it remains a topic of

interest how the E. coli cell makes a choice between the various pathways in DNA damage

tolerance. Does the re-priming of the replication fork downstream of the site DNA damage

occur after the recruitment of a translesion DNA polymerase that fails to relieve the replication

fork stalling, or are the re-priming and translesion synthesis pathways functional on distinct

lesions? Given that the choice between translesion synthesis and re-priming or fork regression

determines whether the lesion will be bypassed in an error-prone or error-free manner, studying

how the choice between the two pathways is made would allow us to better understand the

balance between fidelity and mutagenesis during the copying of DNA.

The multiple layers of control in the complex activation mechanism of Pol V in E. coli makes

it both a difficult and interesting target for study. Thus far, Pol V has been purified in only a

few laboratories and studies of Pol V have mainly come from the work done by Goodman,

Woodgate, Fuchs and Fujii4. Given the challenge of its purification and the late appearance of

this polymerase during the cellular SOS response9, Pol V was not investigated in this thesis.

However, it would be of interest to test whether Pol V can co-localize with Pol IIIcore on the

clamp on DNA. This would further expand our model of the polymerase competition and test

whether it can be applied to all three translesion DNA polymerases in E. coli.

The contrast between the highly ordered replication events and the stochastic competition

between the replicative and translesion DNA polymerases suggests that the translesion poly-

merases are not an integral part of the replication machinery. This is supported by the observa-

tion that when the gene encoding for Pol II (PolB), Pol IV (DinB) or Pol V (UmuC and UmuD)

are deleted in E. coli, the cells do not show growth defects under normal conditions. In fact,

even the triple mutant does not show strong UV-sensitivity11 3.
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In the eukaryotes on the other hand, the deletion of a translesion DNA polymerase can re-

sult in severe consequences. For example, the loss of Pol η has been associated with Xeroderma

Pigmentosum V, a disease characterized by extreme sensitivity to UV-light and cancer predis-

position5; and deletion of REV1 has been shown to cause the loss of epigenetic information in

chicken DT40 cells8. This suggests that the translesion DNA polymerases have more essential

roles in the eukaryotes and may therefore have evolved into a more integral part of the repli-

some, which is supported by studies that report a higher degree of control for the access of the

eukaryotic translesion polymerases to DNA. The control is achieved through the ubiquitination

of the polymerases and of PCNA, the eukaryotic equivalent of the β clamp2. In addition, the

translesion polymerase REV1 has shown to be capable of forming bridges between the other

polymerases, thus facilitating their recruitment7. Despite the higher level of control present in

the eukaryotic system, the number of translesion DNA polymerases is also higher and is re-

ported to be approximately 156. The large number of translesion polymerases present implies

that in eukaryotes too, the exchange between the polymerases may operate at least in part by

concentration-dependent competition. This is supported by studies showing that the intracellu-

lar levels of the human translesion polymerases Pol η, Pol κ and Pol ι are increased upon DNA

damage10 13 12. A fruitful area for future study therefore lies in the investigation of the exchange

between the eukaryotic replicative and translesion polymerases using CoSMoS.

The work presented in this PhD thesis has provided crucial insights into the interaction

between the various components of the E. coli replisome and the different DNA polymerases,

and is an important step towards a better understanding of when and how the cell achieves the

important balance between fidelity and mutagenesis during DNA replication.
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